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I  Abstract 
Multistep reactions rely on substrate channeling between active sites. Carrier protein-
based enzyme systems constitute the most versatile class of shuttling systems due 
to their capability of linking multiple catalytic centers. In eukaryotes and some 
bacteria, these systems have evolved to multifunctional enzymes, which integrate all 
functional domains involved into one or more giant polypeptide chains. The metazoan 
fatty acid synthase (FAS) is a key paradigm for carrier protein-based multienzymes. 
It catalyzes the de novo biosynthesis of fatty acids from carbohydrate-derived 
precursors in more than 40 individual reactions steps. Its seven functional domains 
are encoded on one polypeptide chain, which assembles into an X-shaped dimer for 
activity. The dimer features two lateral reaction clefts, each equipped with a full set 
of active sites and a flexibly tethered carrier protein. Substrate loading and 
condensation in the condensing region are structurally and functionally separated 
from the b-carbon processing domains in the modifying region.  
At the beginning of this thesis, only a single crystal structure of an intact metazoan 
FAS was known. FAS, in particular its modifying region, displays extensive 
conformational variability, according to electron microscopy (EM) studies. Thus, the 
aim was to obtain a crystal structure of the FAS modifying region to identify a ground-
state structure of the FAS modifying region and to characterize its structural 
heterogeneity. The second aim was to establish a method for mapping 
conformational changes in multienzymes at high spatiotemporal resolution. Chapter 
1 introduces FAS and gives a methodological overview of studying conformational 
dynamics of multienzymes.  
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In chapter 2, the 2.7-Å crystal structure of the entire 250-kDa modifying region of 
insect FAS is presented. It presents a conserved ground-state conformation adopted 
by the most divergent member of metazoan FAS. Remarkably, even the V-shape of 
the central dehydratase dimer is conserved, despite a minimal interface. Structural 
comparison to polyketide synthases (PKSs) highlights distinct properties of FAS such 
as strong domain interactions and the absence of an N-terminal b-a-b-a extension of 
the lateral non-catalytic pseudo-ketoreductase. 
Chapter 3 presents a novel approach for identifying conformational dynamics of 
multienzymes in solution by filming with high-speed atomic force microscopy (HS-
AFM) at a spatial resolution of 2-5 nm. The temporal resolution of 10 fps correlates 
with the timescale of large-scale conformational changes in FAS. Varied viewing 
angles are provided by combining different molecular tethering strategies. 
Reference-free particle classification enables the quantitative characterization of 
conformational states and their transitions.  
Chapter 4 discusses the implications of the results on multienzyme biology with 
respect to biological questions and biotechnological applications. The results of this 
thesis provide the tools to understand the role of conformational dynamics in 
multienzymes with respect to their function. These findings will ultimately advance the 
engineering of enzymatic assembly lines for tailored compound production.  
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1  Introduction   
Proteins are major players in biological processes. Evolution has shaped them to 
orchestrate a variety of highly specific functions. They perform as signaling 
molecules, receptors, key controllers in gene encoding and expression, channels, 
compartmental gatekeepers, structural components of the cell, transporters, folding 
assistants and force generating machines.1  
Enzymes are proteins or RNA molecules, which function as biological catalysts. 
They enhance the rates of biological reactions by reducing the Gibbs free energy of 
the transition state of a chemical reaction. Electronic and geometric complementarity 
of the amino acid residues in the substrate binding site leads to a stabilization of the 
transition state. Highly selective substrate binding is governed by non-covalent 
interactions such as van-der-Waals forces, hydrogen bonds, electrostatic and 
hydrophobic interactions. The serine catalytic triad in hydrolases and transferases is 
an example for covalent catalysis involving the concerted action of active site 
residues.2 Nucleophilicity of the attacking serine is enhanced through base catalysis 
by a nearby histidine, which in turn is stabilized by the carboxylic group of an 
aspartate.3 Non-covalent contacts with the peptide backbone exclusively stabilize the 
tetrahedral intermediates, thereby reducing the activation energy of this reaction 
step.4 
Rates of enzymatically catalyzed reactions are typically increased by a factor of 
106-1014, compared to uncatalyzed reactions.5 A prominent example for enzyme 
proficiency is orotidine 5’-monophosphate decarboxylase, which catalyzes an 
essential step in the biosynthesis of nucleic acids, the carriers of genetic information. 
The reaction rate is enhanced by a factor of 1017 compared to the uncatalyzed 
 16 
reaction, rendering this enzyme crucial for the evolution of life.6 Contrastingly to 
chemical catalysts, which often require harsh conditions such as high temperatures, 
pressures and an extreme pH, enzymes are characterized by mild reaction condition 
requirements, high substrate selectivity and specificity, which lead to fewer side 
reactions. Enzymes are regulated by the availability or abundance of reactants 
including cofactors, allosteric control through binding partners and posttranslational 
covalent modifications.5  
 
1.1  Carrier proteins enhance catalysis in multistep reactions 
The majority of multistep biochemical reactions are performed by multiple enzymes 
which may dynamically interact in transient multiprotein complexes to ensure high 
local concentrations of substrate at the site of reaction. In some prokaryotes and 
eukaryotes, these systems have evolved to multifunctional enzymes. As opposed to 
multienzymatic complexes, multienzymes harbor two or more enzymatic domains on 
giant polypeptide chains, which often form large oligomeric assemblies. A hallmark 
of multienzymes is the specific interplay of their domains, allowing efficient substrate 
transfer between active sites (Figure 1.1). Substrate channeling is associated with 
enhanced catalytic activity due to ensuring solubility of the unstable intermediate, 
protection from interaction with non-cognate enzymes and providing a high local 
concentration of substrate and catalytic residues.7,8 One such example is the 
multienzyme carbamoyl phosphate synthetase (CPS 1), in which activation leads to 
the formation of a 35 Å-long substrate tunnel, enabling the migration of the unstable 
intermediate between two distant active sites.9  
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The most versatile class of metabolic multienzymatic complexes and multifunctional 
proteins relies on substrate channeling between active sites by an ancillary carrier 
protein.10 Specific protein contacts between catalytic domains and the carrier protein 
ensure highly selective shuttling of intermediates.8,10 Covalent substrate binding to 
the carrier protein occurs via a prosthetic group, which is attached to a conserved 
residue of the carrier protein. In prokaryotes and plants, the majority of carrier protein-
dependent systems occur as monofunctional, dissociated enzymes. In 
multienzymes, however, carrier proteins form an integral part of the polypeptide 
chain. Flexible tethering to the multienzyme via only one to two peptide linkers 
enables extensive mobility.10-12  
 
Figure 1.1 Conceptual differences between monofunctional and multifunctional 
enzymes.  
Schematic representations of enzyme systems. Carrier protein-based multienzymes exhibit 
the highest degree of versatility, as the substrate can be shuttled between multiple active 
sites. Active sites are depicted as orange filled circles; shuttling systems such as a channel 
or a flexibly attached carrier protein are colored blue.  
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In addition to carrier protein-mediated substrate shuttling, domain motions in the 
~100 Å-scale are characteristic for most carrier protein-dependent multienzymes 
including the animal fatty acid synthase (FAS), polyketide synthases (PKS), 
nonribosomal peptide synthetases, carboxylases and the pyruvate dehydrogenase 
multisubunit complexes (PDC).12 This thesis encompasses the structural studies on 
conformational dynamics of a metazoan fatty acid synthase and the development of 
an approach, which films these dynamics in multienzymes and enables unbiased, 
quantitative identification of conformations and their transitions. 
 
1.2  Fatty acid synthase catalyzes de novo fatty acid biosynthesis  
Fatty acids play multiple important roles in cellular metabolism of all organisms. 
They (i) are key components of cellular membranes forming the hydrophobic portion 
of phospholipids, (ii) serve as long-term energy storage molecules in the form of 
triacylglycerol, (iii) function in cellular signaling as post-translational protein modifiers 
as well as second messengers and (iv) provide intermediates for the synthesis of vital 
cofactors.13 The intracellular pool of fatty acids originates from both, uptake from 
exogenous sources as well as de novo biosynthesis. The de novo biosynthesis of 
fatty acids follows a common cyclic reaction pathway for stepwise, iterative 
elongation of carbohydrate-derived precursors. It is catalyzed by a collective set of 
enzymatic activities termed fatty acid synthase (FAS).14 
While the underlying chemistry is highly conserved among all organisms, two 
remarkably different FAS systems have evolved. In bacteria, plants, eukaryotic 
mitochondria and parasites, fatty acid biosynthesis is performed by a highly 
conserved set of dissociated enzymes, termed type II FAS. Each protein is encoded 
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by a separate gene and catalyzes a single reaction step. Contrastingly, in all other 
eukaryotes as well as in bacteria of the Corynebacterium-Mycobacterium-Nocardia 
(CMN) group, de novo fatty acid synthesis is carried out by large multifunctional 
enzymes, termed type I FAS.15-18  
In the following section, the major players of the conserved reaction cycle of de 
novo fatty acid synthesis are introduced with the E. coli type II FAS system, followed 
by structural comparison of the different FAS systems with a focus on metazoan FAS.  
 
1.2.1  Proteins in bacterial fatty acid biosynthesis  
As a main characteristic, all FAS systems rely on an acyl carrier protein (ACP) for 
substrate shuttling between active sites. ACP is a monomeric 4-helical bundle 
protein, which requires post-translational modification to be active. ACP is activated 
by attachment of a 4’-phosphopantheteine (PP) group from Coenzyme-A (CoA) to a 
conserved serine residue by the 4’-PP transferase holo-ACP synthase (AcpS). 
Throughout fatty acid synthesis, intermediates are covalently bound to the terminal 
sulfhydryl group of the prosthetic 4’-PP group of ACP via a thioester linkage.19 
Fatty acids are synthesized by the stepwise, iterative addition of two-carbon 
moieties to a growing acyl chain. These precursors consist of the priming molecules 
acetyl-CoA, which is freely diffusing in the cytoplasm, and the elongation substrate 
malonyl-CoA. Malonyl-CoA is generated by acetyl-CoA carboxylase (ACC) through 
biotin-dependent carboxylation of acetyl-CoA.20 The iterative fatty acid biosynthesis 
cycle can be divided into initiation and elongation. In bacteria, fatty acid synthesis is 
initiated by malonyl-CoA:ACP transacylase (FabD), which charges the prosthetic 4’-
 20 
PP arm of ACP with malonyl-CoA, thereby yielding malonyl-ACP and CoA (Figure 
1.2). Subsequently, acetyl-CoA and malonyl-ACP are condensated in a 
decarboxylative Claisen-type reaction to acetoacetyl-ACP by b-ketoactyl-ACP 
synthase III (FabH). The NADPH-dependent b-ketoacyl-ACP reductase (KR) FabG 
catalyzes the reduction to b-hydroxyacyl-ACP, followed by water elimination through 
the b-hydroxyacyl-ACP dehydratase (DH) FabZ. The resultant enoyl-ACP is further 
reduced by the NADH-dependent enoyl-ACP reductase (ER) FabI to a saturated acyl-
ACP, which serves as a substrate for a next round of chain elongation and 
modification. FabI plays an important role in completing chain elongation cycles by 
pulling the equilibrium of the dehydratase reaction towards the b-hydroxyacyl-ACP 
product.21 
Type II FAS comprises three distinct ketosynthases (KS) with FabH being only 
active in the initiation condensation reaction, while FabB and FabF catalyze the 
condensation of malonyl-ACP with a growing acyl chain during chain elongation. 
Unsaturated fatty acids featuring a cis double bond are generated by FabA, a 
dehydratase with the additional capability of catalyzing isomerization. Unlike other 
enzymes in the FAS type II system, enoylreductases are diverse in structure and 
mechanism. This could be explained by evolutionary adaptation to naturally 
occurring inhibitors, selectively targeting specific ERs. FabI from E. coli and FabL 
from B. subtilis belong to the superfamily of short-chain dehydrogenase/reductase 
(SDR), whereas the isozyme FabK in S. pneumoniae is a TIM-barrel flavoprotein and 
mitochondrial ER adopts a medium-chain dehydrogenase/reductase (MDR) fold.22  
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Figure 1.2 Fatty acid biosynthesis in E. coli.  
Schematic representation of enzymes and reactions involved. 
 
Multifunctional type I FAS exhibit a rather narrow product spectrum and 
predominantly produce palmitic acid. Contrastingly, dissociated type II FAS 
synthesizes a diverse range of fatty acid products, featuring both saturated and 
monounsaturated, as well as branched fatty acids with differing chain lengths. This 
effect can be ascribed to the carrier protein, which can access other biosynthetic 
pathways in type II dissociated systems.23 Moreover, the diverse product spectrum 
of bacterial FAS is determined by regulation and properties of individual enzymes of 
the chain elongation cycle. In E. coli, the ratio of saturated to unsaturated fatty acids 
is defined by the interplay of FabA, FabB and FabI.24,25  
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1.2.2  Two strikingly different FAS multienzyme architectures in eukaryotes 
Two distinct type I FAS multienzymes have evolved in animals and fungi (Figure 
1.3). Metazoan FAS (mFAS) integrates all required enzymatic functions into a ~2500 
amino acid polypeptide, which dimerizes to form a functional biological 
nanomachine. The 540-kDa homodimer adopts an X-shaped structure, with two 
lateral reaction clefts, each lined by a complete set of active sites. Each set 
comprises a ketosynthase (KS), a malonyl/acetyl transferase (MAT), a dehydratase 
(DH), an enoylreductase (ER) and a ketoreductase (KR).26 In fungal and CMN-
bacterial FAS, the functional domains are encoded by two polypeptide chains with a 
different linear domain organization than in mFAS, which assemble into a 2.6 MDa 
a6b6 heterododecameric barrel. A central wheel, consisting of six a-chains, divides 
the barrel into two reaction chambers. Each chamber is capped by a dome of three 
b-chains and encloses three full sets of active sites. Every set contains an acetyl 
transferase (AT), an ER, a DH, a malonyl/palmitoyl transferase (MPT), a KR, a KS and 
a phosphopantetheine transferase (PPT). The PPT is located outside the reaction 
chamber at the edge of the central wheel.27,28  
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Figure 1.3 Multienzyme architectures in eukaryotes.  
(A) 14 Å cryo-electron microscopy (EM) reconstruction of metazoan FAS. All functional 
domains are integrated into one polypeptide chain, which dimerizes to form a functional 
enzyme. Figure adapted by permission from Nature Publishing Group from Asturias et al., 
Nat. Struct. Mol. Biol. 2005, copyright 2005.29 (B) 21 Å cryo-EM reconstruction of fungal FAS. 
The functional domains are distributed onto two polypeptide chains, which assemble into a 
heterododecamer. Cryo-electron microscopic map of S. cerevisiae FAS was provided by P. 
Pencek.30 
With only 9% of the primary sequence serving as unstructured interdomain linkers 
and an additional 16% forming two lateral non-catalytic domains, mFAS is an 
inherently flexible multienzyme. Contrarily, the rigid barrel of fungal FAS is stiffened 
by a structured non-catalytic scaffold, comprising almost 50% of the primary 
sequence.11  
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In both metazoa and fungi, the ACP forms an integral part of the multienzyme as a 
flexibly tethered domain. Fungal and CMN-bacterial ACP is doubly tethered to the 
scaffold, counting three ACPs per reaction chamber. Metazoan FAS however, 
comprises a singly tethered and thereby extremely flexible ACP domain per reaction 
cleft. Although it is highly conserved in all organisms, eukaryotic ACP does not 
sequester acyl chains like its bacterial homolog.31 
 
1.3  The metazoan FAS 
Fatty acid biosynthesis in metazoan FAS proceeds by a derivative of the common 
cyclic reaction pathway, predominantly producing palmitate. Unique functional 
features of animal FAS include a bifunctional malonyl/acetyl transferase (MAT) for 
substrate loading onto the ACP and the release of the final product palmitate in its 
free fatty acid form by cleavage through a thioesterase (TE) domain (Figure 1.4).32,33 
Contrarily to type II FAS systems, in which three KS enzymes exist, metazoan FAS 
contains only one KS domain for the condensation reaction. Subsequent processing 
of the b-carbon of the acyl chain is carried out by a sole KR, DH and ER enzyme, 
respectively, whereas dissociated FAS II systems feature multiple enzyme forms with 
DH and ER activity. 
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Figure 1.4 Fatty acid biosynthesis in metazoans.  
Schematic representation of the reaction cycle and all functional domains involved. Major 
differences to bacterial fatty acid biosynthesis are highlighted. 
 
Substrate loading by the bifunctional MAT is a random process with a rapid 
translocation of both acetyl and malonyl moieties between CoA thioester and the 
sulfhydryl group of the 4’-PP arm of ACP. The bifunctional MAT domain charges the 
ACP with the starter acetyl moiety from freely available acetyl-CoA. The ACP then 
transfers the acetyl group to the active site cysteine in the KS domain, before being 
loaded with the chain extender malonyl unit from malonyl-CoA. The malonyl unit is 
shuttled to the KS active site and undergoes decarboxylative Claisen-condensation 
with the KS-bound acetyl.33  
A major determinant of chain length in mFAS, the thioesterase, selectively 
hydrolyses C16 or longer acyl-ACP thioesters, thereby releasing free fatty acids. 
Harboring three hydrophobic pockets of different lengths, it can distinguish short C8 
 26 
acyl-ACPs from medium C12-acyl-ACPs and longer chains. Only C16/18 acyl-chains 
are positioned energetically favorable for acyl-chain transfer to the TE active site 
serine and subsequent hydrolysis of the ester bond. Additional control of the product 
spectrum is provided by the KS domain, as acyl-ACPs longer than 16 carbons 
present poor substrates for the elongation reaction.19   
 
1.3.1  Structural variations of domains among FAS I and II systems 
In contrast to all other catalytic domains, metazoan enoylreductases are structurally 
unrelated to their functional counterparts in bacterial and fungal FAS. While bacterial 
ER’s (FabI, FabL, FabV)34-36 belong to the SDR superfamily or adopt a TIM-barrel 
flavoprotein fold such as fungal ER and FabK, metazoan ER is a member of the 
medium-chain dehydrogenase/reductase (MDR) superfamily.37 It is structurally most 
closely related to the bacterial quinone oxidoreductase. Characteristics of MDR 
enzymes are a nucleotide-binding Rossmann fold and a substrate binding domain. 
In mFAS, NADP+ binds between both subdomains of the ER, thereby forming a part 
of the active site.38  
Dehydratases in all FAS systems display a remarkable variation of the incorporation 
of hot-dog folds. While bacterial FabA and FabZ form a homodimer consisting of two 
hot-dog folds with two equivalent active sites, animal DH comprises a pseudo-dimer 
of two successive hot-dog fold subdomains with only a single active site. Both the N- 
and C-terminal hot dog fold subdomain contribute to the active site. Fungal FAS 
features a third, non-catalytic hot dog fold, which is inserted between the two 
subdomains comprising the pseudo-dimer.11 
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1.4  Fatty acid biosynthesis is an attractive therapeutic target 
Metazoan FAS is highly regulated on a transcriptional level and coupled to the 
activity of ACC. Sterol regulatory element binding proteins (SREBPs)-1 and 2 and 
carbohydrate response element binding proteins (ChREBPs) are major 
transcriptional regulators of several fatty acid metabolic enzymes, including FAS and 
ACC.39,40 They respond to glucose and insulin and lead to transcription upregulation 
under a carbohydrate-rich diet.41 Cytoplasmic ACC1, which catalyzes the first 
committed step in fatty acid biosynthesis by generating malonyl-CoA, is allosterically 
activated by citrate and blocked by long-chain fatty acyl-CoA esters as well as 
phosphorylation.39,42 A second homolog, ACC2, is bound to the outer mitochondrial 
membrane. Localized malonyl-CoA production inhibits the mitochondrial carnitine 
palmitoyltransferase (CPT 1), thereby preventing mitochondrial fatty acid uptake 
targeted for degradation by b-oxidation.43,44 
In humans, elevated levels of FAS expression occur in lactating mammary glands, 
the liver, adipose tissue, as well as in proliferating fetal tissue.13 Fatty acid 
biosynthesis has been closely associated with diseases such as obesity and cancer. 
While de novo lipogenesis is inconsequential in healthy human cells, proliferating 
cells such as in tumorigenic tissue are dependent on it (Figure 1.5).45 FAS inhibition 
blocks metastasis, reduces tumor growth and induces apoptosis in several solid 
tumors including pancreatic, prostate, breast, renal and lung cancer cells, making 
fatty acid biosynthesis an attractive therapeutic target. FAS inhibitors in preclinical or 
clinical trial include inhibitors for the KS, KR and TE domain.13,45  
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Figure 1.5 Fatty acid biosynthesis in cancer.  
Model explaining how FAS overexpression contributes to establishing a tumorigenic and 
proliferative phenotype in tumor cells. In normal cells, the majority of fatty acids originate from 
dietary uptake and are stored as triglycerides (TG). FAS overexpression leads to enhanced 
de novo lipogenesis (DNL), generating predominantly saturated membrane components and 
thereby altering the physical properties of the cellular membrane. New membrane 
microdomains are formed, which promote the assembly of signaling complexes necessary 
for proliferation and cell survival (green stars). Inhibition of FAS decreases the amount of 
saturated fatty acids available. This prevents the maintenance of microdomains and signaling 
pathways and causes apoptosis. Reprinted with permission from Elsevier from Buckley, D.; 
Duke, G.; Heuer, T. S.; O'Farrell, M.; Wagman, A. S.; McCulloch, W.; Kemble, G. Fatty acid 
synthase - Modern tumor cell biology insights into a classical oncology target. Pharmacol. 
Ther. 2017, 177, 23-31, copyright 2017, available through DOI 
10.1016/j.pharmthera.2017.02.021 and published under the terms of the Creative Commons 
Attribution-NonCommercial-No Derivatives License (CC BY NC ND, 
https://creativecommons.org/licenses/by-nc-nd/4.0/). 
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1.5  FAS and PKS are closely related multienzymes 
Metazoan FAS and the type I polyketide synthases (PKS) (i) share a similar overall 
architecture, involving structurally homologous domains and their linear arrangement, 
(ii) employ a similar chemistry and (iii) utilize common precursors. Further parallels 
include the usage of linker regions as well as the presence of two non-catalytic 
domains, termed pseudo-methyltransferase (YME) and pseudo-ketoreductase 
(YKR), in FAS and some PKSs.11,46,47 However, while FAS exclusively produces fatty 
acids, PKS systems synthesize a broad range of structurally diverse natural products 
such as environmental toxins, antibiotics and immunosuppressants.48 Type I PKSs, 
which are widely distributed among prokaryotes and eukaryotes, can be classified 
into iterative PKSs (iPKS) and modular PKSs (modPKS) system. The iterative PKS is 
characterized by the repeated use of its enzymatic domains for a defined number of 
reaction cycles. It can be subdivided into non-reducing, partially-reducing and 
highly-reducing PKSs, based on chemical modification of the elongated chain. In 
modPKS each cycle of chain elongation is catalyzed by a distinct module and the 
polyketide chain is passed unidirectionally to a downstream module. Modular PKSs 
can be categorized into cis-AT PKSs, in which the AT domain belongs to the module, 
and trans-AT PKSs, which are characterized by free-standing AT domains, acting in 
trans.49,50  
In contrast to mFAS, which produces a fully reduced acyl compound, a hallmark of 
PKSs is the variable utilization and availability of b-processing domains (DH, ER, KR), 
introducing ketones, hydroxyls and alkenes into the product.50 Some PKSs contain 
additional functional domains such as a methyltransferase. Methylated biosynthesis 
products originate from either incorporation of methylated precursors or from an 
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active methyltransferase domain (ME). Among PKSs, MEs occur in both an active 
form and an inactive form (pseudo-methyltransferase; YME). YMEs have been 
exclusively reported in some highly-reducing iterative PKSs and in FAS, while active 
MEs can be found in both modular and iterative PKS.51 Despite low sequence 
conservation, active MEs and inactive YMEs share a conserved structural 
organization.51 The functional role of the YME is unclear, though it is hypothesized to 
be a remnant of a common precursor of PKS and FAS which contained an active ME 
and a full set of DH, ER and KR domains.11  
The stereochemistry of the b-hydroxyacyl intermediate is determined by specific 
sequence motifs in the KR domain, resulting in two different substrate entry modes in 
the KR active site. While mFAS features a so-called B-type KR, producing a D-b-
hydroxyacyl-ACP, both A-type and B-type KRs exist in PKSs, generating either a 
hydroxyl-group with L- or D-orientation, respectively.49,52  
 
1.6  Structural studies of metazoan FAS 
The X-shaped homodimer of mFAS is functionally and structurally separated into a 
condensing and a modifying region (Figure 1.6). Its condensing region contains the 
MAT and KS domains, which are responsible for substrate loading onto the ACP and 
C-C bond formation. Modifications of the b-carbon of the growing acyl chain are 
carried out in the modifying region by the DH, ER and KR domains, which are flanked 
by two non-catalytic domains, YME and YKR. An 8-residue polypeptide linker serves 
as the sole connection between both regions. Domain organization in mFAS deviates 
from linear sequence arrangement. The N-terminal KS domain forms the dimerization 
interface in the condensing region. The polypeptide extends as a structured linker to 
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the lateral MAT domain and reverts via the structured KS-MAT. After proceeding by 
the core KS, it forms a connection with the DH domain of the modifying region along 
the dimerization axis. From the central DH domain, the chain continues as a linker to 
the YME domain at the periphery of the modifying region, followed by the YKR 
domain. It then heads back to the ER domain, which forms the major dimerization 
interface in the core of the modifying region. The ER is followed by a linker to the KR 
domain, which is located between the DH/ER core of the modifying region and the 
lateral non-catalytic pseudo-domains. Centered above the reaction cleft, the C-
terminus of the KR domain constitutes the anchor point of the linker to the ACP 
domain. The C-terminal thioesterase is connected to the flexibly tethered ACP via an 
extended polypeptide chain.38  
 
Figure 1.6 Crystal structure of S. scrofa FAS at 3.2 Å.  
A schematic representation of the linear domain organization is displayed below. The ACP 
and TE were not resolved due to their inherent flexibility. Black spheres indicate the 
attachment point of the ACP linker. Figure created using PDB file 2VZ9. 
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1.6.1  High-resolution crystallographic structure of a mammalian FAS  
Its inherent conformational flexibility and size render mFAS a challenging target for 
high-resolution structure determination. Despite advances in cloning, eukaryotic 
expression systems, automation of purification strategies and high-throughput 
crystallization screening as well as single-particle electron microscopy, only one 
high-resolution structure of the entire modifying and condensing region in mFAS 
exists today. Fundamental insights into organization of the homodimer, domain 
arrangement and interaction, cofactor binding as well as active site geometry were 
provided by the crystal structure of S. scrofa FAS at 3.2 Å resolution (apo and in 
complex with NADP+).38 The terminal TE and ACP domains are not included in the 
structure due to missing electron density of these flexibly attached domains. 
Extensive crystallization screening of natively purified mFAS of various sources, 
combined with a multi-crystal data collection strategy and additional reduction of 
solvent background scattering as well as advanced model refinement procedures 
were prerequisite for the elucidation of a high-resolution structure.11 Further - albeit 
smaller - multidomain crystal structures include a H. sapiens KS-MAT didomain at 
2.15 Å resolution and a portion of the human modifying region, consisting of an 
inhibitor-bound KR and the two non-catalytic domains at 2.7 Å with the ER being 
excised from the sequence.53,54 
 
1.6.2  Insect FAS is a divergent member of the metazoan FAS family 
Despite high sequence conservation among metazoan FAS, comparison of primary 
FAS sequences in public databases unveils that insect FAS shows some variations 
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in sequence. These include large deletions in the YME-domain, which were not 
discussed so far. While mammalian FAS predominantly produces palmitic acid 
(C16:0) and only trace amounts of stearic acid (C18:0), the product spectrum of D. 
melanogaster FAS is evenly distributed ranging from myristic acid (C14:0) to stearic 
acid (C18:0).55-57 Some studies also report the production of lauric acid (C12:0) at 
increased ionic strength.58  
Shorter fatty acids are also attributed to some metazoan glands, where they arise 
from the action of an ancillary dissociated soluble thioesterase (TE II) with a 
preference for medium-chain fatty acyl-CoA.59 However, D. melanogaster FAS has 
been shown to autonomously regulate chain length.58,60 In insects, fatty acids play an 
additional key role as precursors of the essential methyl-branched cuticular 
hydrocarbons (CHC) in the integument, which function as sex pheromones 
components and protect from lethal desiccation.61 Unlike in mammals, the D. 
melanogaster genome encodes three distinct FAS homologs. FAS 1 is ubiquitously 
expressed in the body mass-accumulating larvae as well as in the fat bodies of the 
adult fly, whereas FAS 2 and FAS 3 are only expressed in adult epithelial tissue such 
as cuticle, muscle and the CHC-producing oenocytes.62 This thesis covers structural 
studies of D. melanogaster FAS 1.   
 
1.6.3  FAS and PKS have distinct structural properties 
Crystallographic studies of mFAS and PKSs revealed conservation of the 
condensing region in both systems.38,53,63 Contrarily, two crystal structures of intact 
FAS and PKS modifying regions, respectively, uncovered considerable 
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differences.38,63 In mFAS, domains engage in strong interdomain contacts in the 
modifying region. The KR acts as a central connector of the core DH/ER domains with 
the lateral non-catalytic domains.38 PKSs, however, maintain linker-based 
connections between the domains of the modifying region.63 
Further major structural differences to mFAS include an N-terminal b-a-b-a-
extension of the YKR in PKS and a linear DH-dimer arrangement in PKSs. 
Dimerization of the DH protomers occurs via a large interface, which is partly formed 
by 20 additional N-terminal residues, which are not included in the FAS DH 
domain.11,49,63 Contrastingly, the single crystal structure of metazoan FAS features a 
V-shaped DH dimer with a miniscule dimerization interface. 
 
1.7  Large scale conformational dynamics are characteristic for mFAS 
In the crystal structure of porcine FAS, the mobile ACP is sufficiently long for its 
prosthetic PP-arm to reach all active sites within one reaction cleft but is unable to 
make functional contacts with active sites of the other cleft.38 ACP is tethered via a 
flexible ~12 residue linker to the KR, with the anchor point being centered above the 
reaction cleft. Distances between active sites amount up to 85 Å, whereas the 
tethered ACP and its 4’-PP arm can extend to ~90 Å.11,64 However, both intra- and 
intersubunit dibromopropanone cross-linking of the ACP 4’-PP and the KS active site 
serine thiols was observed in FAS dimers.65 Additionally, mutant complementation of 
FAS dimers showed that the KS and MAT domains can functionally cooperate with 
ACP domains of either monomer.66 Indeed, a wide range of conformations was 
identified by negative stain electron microscopy (nsEM), enabling the 
characterization of three major large-scale domain movements in the ~100-Å scale 
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(Figure 1.7).29,64 These include in-plane and off-plane rotation between the 
condensing and the modifying region (“swinging” and “swiveling”), as well as 
rearrangement of the modifying region. Pendulum-like in-plane swinging of the 
condensing region relative to the b-processing domains revealed an opening of the 
reaction cleft of up to 25°. Off-plane swiveling of up to 90° around the connection 
between the modifying and condensing region, allowing a perpendicular 
configuration of these regions, was mostly observed in combination with a symmetric 
modifying region.64 Offering an ancillary catalytic route, the swiveling motion was 
estimated by in vivo mutant assays to contribute to 20% of the total fatty acid 
synthesis rate.66 Reorganization of the modifying region extended from a symmetric 
to an asymmetric conformation and was shown to require mobility of individual 
domains instead of one rigid unit. The distribution of conformations was influenced 
by the presence of substrate, as well as by catalytic mutants, suggesting a correlation 
to enzyme activity.64  
 
Figure 1.7 Large-scale conformational dynamics in metazoan FAS. 
2D class averages depict in-plane swinging, off-plane rotation as well as domain 
rearrangement of the modifying region. Figure adapted with permission from Nature 
Publishing Group from Brignole et al., Nat. Struct. Mol. Biol. 2009, 16, 190-197, copyright 
2009.64 
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Large-scale domain motions are observed in most carrier protein-dependent 
multidomain enzymes, including polyketide synthases (PKS), CoA carboxylases and 
the pyruvate dehydrogenase multisubunit complex (PDC). Crystallographic structure 
determination of a structurally-related PKS showed conformationally coupled domain 
dynamics within the modifying region based on 18 different conformations in the 
crystal.63 A hybrid approach of crystallography, EM and small-angle X-ray scattering 
(SAXS) revealed significant conformational variability in carboxylases. In fungal ACC, 
phosphorylation transforms the multienzyme from an extended, inactive form into a 
U-shaped active form, involving large-scale rotations around a central hinge of up to 
160°.67 YCC, a triangular-shaped multienzyme CoA carboxylase in prokaryotes, 
displays considerable variability in positioning of its lateral biotin carboxylase (BC) 
domains relative to the central carboxyltransferase (CT) domain.12 Cryo-electron 
tomography uncovered in E. coli PDC that pyruvate dehydrogenase (E1) and 
dihydrolipoamid dehydrogenase (E3) subunits are flexibly tethered to the 
dihydrolipoamid acetyltransferase (E2) core, at varying distances of up to ~150 Å.68  
Domain movement in several multienzymes is facilitated by linker regions. These 
are often rich in alanine and proline residues, which predominantly adopt an all-trans 
configuration and thereby provide increased stiffness.10,69 Linker stiffness is 
hypothesized to allow both, substantial domain movement and prevent entanglement 
of domains.10  
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1.8  Studying structural dynamics 
This chapter gives an overview of select techniques used for studying 
conformational dynamics in multienzymes. It further serves to introduce high-speed 
atomic force microscopy (HS-AFM), one of the two main methods employed in this 
thesis and mentions advantages and limits of methods required to complement HS-
AFM data. 
 
1.8.1  Methods to study conformational variability in multienzymes 
Methods employed to study structural dynamics in multienzymes can be grouped 
into techniques generating mainly static snapshots and those providing temporal 
information. Static methods include single particle electron microscopy (EM), 
electron tomography (ET), crystallography, site-specific crosslinking and mutant 
complementation assays while temporal data is obtained by methods such as 
electron paramagnetic resonance (EPR) spectroscopy, Förster-resonance energy 
transfer (FRET)-measurements, super-resolution imaging and high-speed atomic 
force microscopy. These techniques either produce dynamic distance information 
(EPR, FRET), 3D structures or medium- to low-resolution films, with several methods 
being applicable for utilization in situ. Combining different techniques provides 
complementary information on different length and time scales.  
Suitable methods for gaining dynamic distance information in multienzymes are 
EPR and FRET. EPR measurements of spin-labeled proteins reveal dynamic distance 
information ranging from 8-20 Å for continuous wave EPR and 15-160 Å in double 
electron-electron resonance (DEER) experiments.70-72 These distances correspond to 
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dimensions in FAS with domain dimensions of ~20-70 Å and distances between 
active sites of 85 Å.11 Unlike in nuclear magnetic resonance, protein size does not 
restrict the measurements. In-cell EPR studies have been carried out in frozen 
eukaryotic and prokaryotic cells and include the development of more stable labeling 
through gadolinium (III) ions or trityl radicals compared to the standard nitroxide-spin 
labels.73-75 Dynamic distances of 20-100 Å in and between fluorescently-labeled 
macromolecules in life cells can be obtained by single-molecule FRET with a 
temporal resolution in the ms to sub-ms range.76,77 Using stimulated emission 
depletion (STED) super-resolution microscopy, fluorescently-tagged proteins can be 
imaged at a resolution of up to 300-500 Å at frame rates of 28 Hz, enabling their 
localization in life cells.78,79 Combining stochastical photoswitching with localizing 
photon emitters using a doughnut-shaped excitation beam improved the attainable 
resolution barrier to 60 Å, albeit at lower temporal resolution.80 
Besides 3D structure determination at the single-Å level, single-particle electron 
microscopy is a tool for visualizing conformational heterogeneity of macromolecules, 
as shown for mFAS, ACC and YCC.12,64,67 Contrastingly to the dynamic methods 
mentioned above, particles are adsorbed onto a carbon-coated grid and either 
vitrified or stained with heavy metal salts. Similarly, electron tomography provides a 
3D snapshot of cryo-frozen cellular landscapes and is often combined with 
fluorescent microscopy for localization of targeted proteins.81  
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1.8.2  High-speed AFM filming of macromolecules 
In comparison to the methods mentioned in 1.8.1, high-speed atomic force 
microscopy (HS-AFM) fills the gap as a unique, label-free technique, filming 
macromolecules at high spatial (10 Å) and high temporal (30-60 ms/frame) resolution 
in solution.82,83 As in conventional tapping-mode AFM, a cantilever is oscillated at or 
near its resonance frequency and scans a substrate surface with intermittent taps 
(Figure 1.8). Upon contact with the sample, the resulting cantilever deflection is 
translated via a feedback-loop into vertical adjustment of the sample stage to restore 
the mechanical state of the cantilever to a given set point. Tapping-mode AFM allows 
imaging of soft biological tissues by controlling scanning forces through modulating 
the oscillation amplitude of the cantilever.84 HS-AFM is characterized by dramatically 
reduced image acquisition times of below 100 ms compared to the 30-60 s in 
conventional AFM, due to smaller cantilevers with higher resonance frequencies and 
faster feedback loops.85 Improvement of the spatial resolution to ~1-2 nm is achieved 
by microfabricated carbon nanofibers with an apex radius <10 nm grown on top of 
the cantilever tips.85 High-speed AFM is considered a non-invasive method, as the 
impulse exerted by the tip onto the sample lies in the femto-regime. Biological 
macromolecules imaged to date include myosin V walking on actin, the rotary motion 
of the F1-ATPase, the nuclear pore complex and the assembly of a pore forming toxin 
in a lipid bilayer.86-89 
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Figure 1.8 Schematic representation of a HS-AFM.  
Differences to conventional tapping-mode AFM are highlighted in green. An oscillating 
cantilever samples the substrate surface. Topographical differences result in deflection of 
the cantilever. Deflection changes are registered by a laser setup and are converted into 
electronic signals. Cantilever oscillation is registered by a fast amplitude detector. This input 
is used to adjust the height of the sample stage via PID feedback control to restore the 
cantilever deflection. A topographical image of the sample is generated from the output of 
the feedback controller. Here, a HS-AFM 1.0 setup (RIBM, Japan) is depicted. Figure created 
based on figure from Ando et al., 2014.90  
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1.9  Aim of the thesis 
In over ten years, only a single high-resolution structure of an intact metazoan FAS 
was solved. A crystal structure of the condensing region indicated that this part is 
structurally conserved in metazoan FAS. For the modifying region, however, which is 
most variable according to EM and diverges from the closely related PKS modifying 
region, only a structural snapshot exists. Thus, the first aim consisted of identifying a 
ground-state structure and its variability of the entire modifying region of a divergent 
member of the metazoan FAS family and to show how characteristic differences to 
PKSs are. With the additional objective of providing a structural explanation of severe 
sequence variations in the YME-domain of insect FAS, D. melanogaster was chosen 
as the organism of choice. 
Extensive large-scale domain motions and conformational variability have been 
observed in animal FAS by EM and crystallographic studies. However, only little high-
resolution information is available on conformational diversity in metazoan FAS. 
Moreover, currently no method exists, which enables real-time recording of individual 
conformations and their transitions in a near-native environment, allowing 
unrestrained movement of the multienzyme. Are there more conformations than those 
visualized by electron microscopy? Do specific conformations follow another? Is 
there a preferred, low-energy conformation? Does the presence of substrate, 
inhibitors and mutants alter the distribution and transitions of conformations? 
Therefore, the second aim was to develop a methodological approach, which can 
provide direct answers to these questions, not only for FAS, but for multienzymes and 
large, soluble proteins in general.  
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2  Structural Conservation of the Complete Modifying 
Region in Metazoan Fatty Acid Synthase 
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2.1  Introduction  
Fatty acids play a vital role in all organisms as lipid components of cellular 
membranes, energy storage compounds, secondary messengers and covalent 
modifiers influencing protein translocation. In humans, de novo fatty acid 
biosynthesis is carried out by the cytosolic fatty acid synthase (FAS) and is typically 
confined to the liver, lactating mammary glands, adipose tissue, proliferating fetal 
tissue and solid tumors.13 Proliferation of many solid tumors is blocked by inhibition 
of fatty acid biosynthesis, making it an attractive target for anti-tumor therapy.13,45   
De novo fatty acid biosynthesis follows a pathway for iterative elongation of 
carbohydrate precursors in more than 40 individual reactions, which is conserved 
with some variations in pro- and eukaryotes. Reaction intermediates are covalently 
attached to the 4’-phosphopantetheine prosthetic group of an acyl carrier protein 
(ACP) for shuttling between active sites. Carrier protein-mediated substrate tethering 
is associated with enhanced catalytic activity based on protecting the hydrophobic 
intermediate from aggregation, preventing side-reactions with non-cognate enzymes 
and ensuring a high local concentration of the intermediate. 
In metazoans, six different enzymatic activities are involved in fatty acid 
biosynthesis: For the priming step of the reaction cycle, an acetyl-moiety is loaded 
from coenzyme A to the thiol group of phosphopantetheinylated ACP by the 
bifunctional malonyl/acetyl transferase (MAT), followed by transfer to the active site 
of the ketosynthase (KS). MAT then charges the ACP with a malonyl elongation 
substrate for decarboxylative condensation to acetoacetyl-ACP in the ketoacyl 
synthase (KS) active site. In three subsequent reaction steps, the b-carbon moiety is 
processed by the ketoreductase (KR), dehydratase (DH), and enoylreductase (ER) 
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into a saturated acyl-ACP elongated by a two-carbon unit. The product serves as a 
primer for the next round of elongation until a chain length of C16 is reached and 
predominantly palmitate is released as a free fatty acid by thioesterase (TE).33 This 
multistep reaction is catalyzed by a multifunctional enzyme, which encodes all seven 
functional domains as one polypeptide chain. It forms a 270-kDa X-shaped 
homodimer for enzymatic activity.26,38 The condensation and loading domains are 
functionally and structurally separated from the b-carbon processing domains, 
forming a condensing and a modifying region. They define two lateral reaction clefts, 
each equipped with a full set of catalytic sites and a flexibly tethered ACP at a central 
position above the reaction cleft (Figure 2.1). 
In a static model of metazoan FAS, the tethered ACP is sufficiently long to reach all 
active sites within one reaction cleft but not in the opposite side cleft. Yet, site-specific 
crosslinking and mutant complementation studies have indicated an interplay of ACP 
with active sites of the condensing regions of both clefts.65,66 Low-resolution electron 
microscopy (EM) identified a variety of large-scale conformational changes, 
detecting a weak preference for specific states linked to active site mutations and the 
presence of substrate.29,64 Moreover, EM indicated major domain rearrangements in 
the modifying region of metazoan FAS.64  
To date, only a single structure of an intact metazoan FAS exists.38 Together with 
the structure of a KS-MAT fragment it shows that the condensing region is structurally 
conserved in metazoans. However, for the part which is most variable according to 
EM, a second structure is required to evaluate how representative the existing 
structure is. FAS has been a paradigm for the structure of related multienzymes of 
the polyketide synthase family (type I PKS; 19% sequence identity). Type I modular 
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PKSs synthesize a broad range of natural products by processing substrates in 
modular assembly lines with a distinct set of enzymatic domains for each chain 
elongation cycle.91 Product diversity is generated through the variable exploitation of 
b-processing domains, including additional domains such methyltransferases.46,51 
Crystallographic analysis revealed that the condensing region is related and 
undisputed in FAS and PKSs.63 The PKS modifying region, however, has been found 
to exhibit a distinct domain organization.63  
Thus, we aimed to determine a ground state structure of the modifying region of a 
divergent member of the metazoan FAS family, D. melanogaster FAS (dFAS) to 
characterize its variability and to define how characteristic differences to PKSs are. 
Insect FAS constitutes the most diverging FAS class compared to mammals based 
on sequence comparison (42% sequence identity). Their product spectrum ranges 
from myristic acid to stearic acid, whereas mammalian FAS predominantly produces 
palmitic acid with only minor amounts of stearic acid.55,57 FAS itself has been shown 
to regulate chain length, instead of a secondary TE acting in trans.58 Here we provide 
a high-quality crystal structure of the entire 252-kDa dimeric insect FAS modifying 
region, which demonstrates a striking and unexpected level of structural conservation 
compared to intact porcine FAS.  
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2.2  Results 
2.2.1  Identification of divergent metazoan FAS 
Sequence alignment identified insect and nematode FAS as the most divergent 
subclass of metazoan FAS, as compared to the structurally characterized mammalian 
FAS, with an overall sequence identity of 42%. While most metazoans do not contain 
any large insertions or deletions relative to mammalian FAS, insects and nematodes 
exhibit large sequence variations in the YME. In insects, the YME is significantly 
truncated by ~100 residues, whereas it contains a ~30 residue insertion in 
nematodes. As sequence identity of the YME of insect FAS is only 14% compared to 
other subclasses of animal FAS, structural consequences of the deletion as well as 
its exact location are difficult to predict (Supplementary Figure 2.1). 
 
2.2.2  Purification and activity of dFAS-FL and dFAS-DEK 
The modifying region (DEK) of D. melanogaster FAS (residues 889-2036; dFAS-
DEK), carrying a carboxy terminal PreScission cleavage site, followed by a 
decahistidine tag, was overexpressed in Sf21 cells and purified with a yield of 5.2 mg 
per liter of culture. Purification steps included immobilized nickel-affinity 
chromatography, followed by anion exchange chromatography and a final size 
exclusion chromatography step. Sample purity was monitored by SDS-PAGE analysis 
(Supplementary Figure 2.2A). Full-length D. melanogaster FAS (residues 1-2438; 
dFAS-FL), containing the same C-terminal expression tag as dFAS-DEK, was purified 
according to the same protocol with a yield of 9.6 mg per liter of culture. Formation 
of long-chain fatty acids in dFAS-FL upon the addition of the substrates acetyl-CoA, 
malonyl-CoA and NADPH was monitored by measuring NADPH depletion at 340 nm, 
 48 
yielding a specific activity of 926 nmol NADPH per min/mg (Supplementary Figure 
2.2B). 
 
2.2.3  Structure determination of dFAS-DEK 
Diffraction of initial crystals with unit cell constants of a=75.8 Å, b=174.1 Å and 
c=197.4 Å was limited to 4.5 Å. Microseeding resulted in crystals in space group 
P212121 with unit cell constants of a=75.5 Å, b=174.2 Å, c=194.5 Å. Phases were 
obtained by molecular replacement using the atomic coordinates of the DH, ER and 
KR domains (36.4%, 59.1%, 58.1% sequence identity, respectively) of the S. scrofa 
FAS structure (PDB: 2VZ9) as multiple search models. Diffraction data were 
processed to a resolution of 2.7 Å. 25 residues of the C-terminal non-native 
expression tag were found to be ordered parts of the structure. The final model thus 
encompasses residues 893-2055 of the expression construct and was refined to 
Rwork/Rfree of 0.22/0.25 (Supplementary Table 2.1). Residues 1480-1484, 1903-1919, 
1951-1957 and 1990-2029 were disordered. Although dFAS-DEK was crystallized in 
the presence of 5 mM NADP+, no electron density for this cofactor was observed in 
the ER and KR active sites. Presumably, high bromine concentrations in the 
crystallization conditions had a competitive effect on NADP+-binding, as partially 
occupied bromine sites (as based on anomalous signal) overlay with expected 
binding sites of NADP+ phosphate groups. Contrastingly to the substrate NADPH, 
which forms part of the substrate binding interface in the ER and KR, NADP+ is known 
to bind FAS with low affinity. Previous crystal structures of NADP+-bound FAS 
required soaking at very high concentrations of NADP+ (20 mM).38,54  
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Domain arrangement in the modifying region of dFAS-DEK differs from linear 
sequence organization (Figure 2.1). In the protomer, the polypeptide chain first folds 
into the N-terminal DH domain to then extend as a mostly unstructured 19-residue 
polypeptide stretch to the peripheral YME domain. From here, it proceeds through 
the adjacent pseudo-ketoreductase (YKR) domain, followed by a 17-residue linker 
leading back to the ER domain, which is situated above the DH domain. A 19-residue 
linker connects the ER domain with the KR domain, which is located between the ER 
domain and the two lateral non-catalytic domains.  
 
Figure 2.1 Crystal structure of the modifying region of insect FAS.  
The linear domain organization is schematically displayed below. Active sites are indicated 
by black rings and the N- and C-termini are denoted as black spheres. 
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2.2.4  Catalytic domains 
The DH domain in insect FAS adopts a pseudo-dimeric double hot dog fold, 
consisting of two six-stranded antiparallel b-sheets each wrapping around a five-turn 
a-helix. Each pseudo-dimer contains a single active site formed by the cooperation 
of His911 from the N-terminal and Asp1062 and Gln1066 from the C-terminal hot dog 
fold (Figure 2.2A). An extended 26-residue long linker connecting DH1 and DH2 
wraps around the b-sheet back of the two hot dog folds. 
The NADPH-dependent enoylreductase belongs to the medium chain 
dehydrogenase/reductase family (MDR).37 It is composed of a central nucleotide-
binding Rossmann fold (residues 1578-1721) and a substrate binding region (SBD) 
comprising the domain termini with an antiparallel b-sheet in the core. The Rossmann 
fold consists of a 6-stranded parallel b-sheet, which is flanked by three a-helices on 
each side. Both subdomains are separated by a cleft for cofactor and substrate 
binding including the catalytic residues (Figure 2.2B). Binding of NADPH, which 
provides part of the substrate binding interface, has been shown to stabilize the ER 
active site.38 Loop 1480-1484 at the solvent-exposed edge of the substrate-binding 
subdomain is disordered in the dFAS-DEK structure. 
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Figure 2.2 Folds and catalytic centers of enzymatic domains in dFAS-DEK.  
Domains are superposed onto existing crystal structures of metazoan FAS. (A) Active site 
conservation of insect (green) and porcine DH (gray), aligned with a Ca r.m.s.d. of 1.2 
(Supplementary Table 2.1). (B) Catalytic residues Lys1698 and Asp1724 of the ER domain 
are conserved in metazoan FAS (insect: dark green; pig: gray), aligned with 1.0 Ca r.m.s.d.). 
(C) KR active site residues, which are involved in proton relaying upon hydride transfer to the 
substrate from NADPH.38,54,92 Structural alignment with human (light gray; 1.3 Ca r.m.s.d.) 
and porcine (dark gray; 1.2 Ca r.m.s.d.). (D) Fold conservation of the KR and YKR domains 
in insect (yellow), porcine (dark gray) and human FAS (light gray). PDB accession codes 
used were 2VZ9 for porcine FAS and 4PIV for the human KR/YKR/YME tridomain. 
 
As a member of the short chain dehydrogenase/reductase (SDR) family, the 
NADPH-dependent ketoreductase domain harbors a nucleotide-binding Rossmann 
fold with a substrate binding extension preceding a6 and b7. Formation of the KR 
active site requires binding of the nucleotide cofactor and the actual substrate.38,54 
Identified as a residue of the proton relay in previous work, Lys1922 is disordered in 
the dFAS-DEK structure.38,92 Disordered residues include loops 1903-1919, 1951-
1957 and 1990-2029, with the latter comprising the substrate binding extension 
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according to structural superposition onto porcine KR. The unnatural 25-residue 
expression tag is incorporated as the C-terminal a6 and b7 of the Rossmann fold, 
despite the presence of the natural sequence (see Results and Supplemental 
Information).  
The overall domain fold and active site geometries are conserved in the dFAS-DEK 
structure, compared to the metazoan FAS structure (Figure 2.2A-C). This finding was 
expected due to the limited differences in product spectrum. The DH, ER and KR 
domains are likely not involved in determining the different output, highlighting the 
relevance of the TE in combination with reduced KS turnover for long acyl chains for 
chain length determination.93,94 
 
2.2.5  Non-catalytic domains 
The non-catalytic YKR in dFAS-DEK adopts a truncated KR fold, consisting of a 
central five-stranded parallel b-sheet and four a-helices (Figure 2.2D). The last strand 
of the b-sheet is antiparallel and merges into the structured portion of the linker, which 
connects the YKR with the ER. Together with the antiparallel two-stranded b-sheet 
formed by the DH-YME and the YKR-ER linkers, the YKR mimics one of the major 
dimerization interfaces of tetrameric bacterial KR, thereby stabilizing the KR active 
site.38  
The YME in metazoan FAS is structurally related to SAM-dependent 
methyltransferases.11 These contain a D/ExGxGxG motif, which is involved in SAM-
cofactor binding and is strictly conserved in several iterative and modular PKSs with 
methyltransferase activity.38,49,95 Structural alignment of metazoan FASs indicates a 
conserved ExxxGxG motif in the YME domains of mammalian FAS on a loop 
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connecting b1 with aA, whereas in insects, only the glutamate is conserved.49 
Moreover, unlike in other animal YME domains, the mutated SAM-binding motif in 
insect FAS contains a species-dependent 1-4 residue insertion, resulting in a minor 
conformational change of the loop (Figure 2.3A). These mutations correspond to the 
inability of the YME to bind SAM and to methylate substrates.11 
The dFAS-DEK structure explains the severe sequence variations in insect YME in 
comparison to mammalian FAS. It reveals that the insect YME domain comprises only 
the core SAM-dependent methyltransferase fold, encompassing a 7-stranded b-
sheet with an antiparallel b7, flanked by two and three helices on each side (Figure 
2.3B).38,95 Four additional helices (~20 Å long), protruding from the methyltransferase 
fold in the structures of porcine and human FAS, are replaced by a 6- and a 3-residue 
loop in D. melanogaster FAS. This leads to a significant shortening of the extension 
of the YME to 35 Å compared to 55 Å in mammalian FAS. It was speculated before 
that the non-catalytic part of the modifying region may provide steric guidance to the 
ACP.11 However, the dFAS-DEK structure suggests that ACP movement is 
independent of the YME, thus rendering it dispensable.  
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Figure 2.3 Comparison of domain fold and SAM-binding loop in the insect and 
mammalian YME.  
(A) Insect YME is truncated by four ~20 Å helices, which are present in any other metazoan 
FAS (Ca r.m.s.d. of 2.0 Å for porcine YME and 1.8 Å for human YME). (B) While the inactive 
SAM-binding motif is conserved in human and porcine FAS, it adopts a different fold in insect 
FAS and only contains the conserved glutamate. A schematic representation of YME 
structural alignment is displayed below. 
 
2.2.6  Integration of a non-natural expression tag region 
The KR C-terminus of the dFAS-DEK construct was designed to be shortened by 
three terminal amino acids relative to the last ordered residues in the structure of S. 
scrofa FAS (Figure 2.4A). Unexpectedly, at the C-terminus of the KR, the non-natural 
expression tag is incorporated into the protein fold, rather than the last 22 residues 
of the natural sequence, despite its confirmed presence in the sample. Instead, the 
natural C-terminus up to residue Val2032 and the preceding substrate binding 
extension loop are disordered in this crystal structure. The last four residues of the 
natural sequence, Val2033-Met2036, are displaced relative to their cognate position 
and adopt the position of residues Met2015-Cys2018. They are followed by 
incorporation of the non-natural tag region, which displaces residues 2019-2036 from 
the natural sequence. Starting from residue Val2033, this shifted region adopts a 
 55 
highly similar fold as the regular C-terminus in the available structures of porcine KR 
and human KR (Figure 2.4, Supplementary Figures 2.3-2.5). It consists of a helix, 
followed by a turn and a b-strand, which constitutes part of the Rossmann fold. 
Contrastingly, the 6-residue turn features a more pronounced bulge in dFAS-DEK, 
than the 3-residue loop in pig (Figure 2.4C, Supplementary Figure 2.3).   
 
Figure 2.4 Incorporation of a non-natural tag sequence at the KR C-terminus.  
(A) Structural alignment of the C-terminal 25 residues of the KR in pig, human and fruit fly, as 
well as the incorporated expression tag. The fruit fly construct was designed to be truncated 
by the last three residues relative to the terminal ordered residues in the structure of S. scrofa 
FAS. These sequences would continue into the ACP linker in full-length FAS enzymes. (B) 
Electron density map at 1.5 s showing unambiguous density for the expression tag. Select 
residues are highlighted for clarity. (C) Structural alignment of porcine, human and insect KR 
indicates that the unnatural C-terminus adopts a similar fold as in mammals, containing an 
additional bulge after a6. (D) Possible consequences of C-terminal KR unfolding include an 
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extension of the KR-ACP linker, release of the DH-YME and YKR-ER linker, potentially 
resulting in a collapse of the peripheral arms of the modifying region. 
 
Sequence alignment shows the conserved position of a glutamine (Gln2042 in 
dFAS, Gln2101 in mammals) and a proline (Pro2046 in dFAS, Pro2101 in mammals), 
which are involved in formation of the turn (Figure 2.4A and Supplementary Figure 
2.1). A low B-factor distribution within the KR suggests rigid incorporation 
(Supplementary Figure 2.4). Interface analysis of the terminal helix-turn-strand with 
the KR b-sheet using PDBpisa predicts a free solvation energy upon interface 
formation (DGsol) of -17.4 to -17.8 kcal/mol for the non-natural C-terminus and -15.8 to 
-17.1 kcal/mol for a model containing the original sequence. In the human and 
porcine KR structure, these interactions are slightly more favorable with a DGsol of -
21.8 and -20.6 kcal/mol, respectively. Further, contacts within the terminal helix-turn-
sheet fold of the shifted sequence (DGsol of -3.5 kcal/mol for chain A and -4.2 kcal/mol 
for chain B) correspond to values for the KR C-terminus in the human and porcine 
structure (DGsol = -3.8 kcal/mol). These interactions are predicted to be more 
energetically favorable than those in a model of the natural dFAS KR C-terminus (DGsol 
= -1.1 kcal/mol; Supplementary Tables 2.4-2.6).  
 
2.2.7  Dimeric architecture of the insect FAS modifying region 
In the dFAS-DEK structure, the major dimerization interface in the homodimeric 
modifying region is formed by the central ER domains (1100 Å2 interface area in 
dFAS) by homophilic interactions of the b6- and b7-strands of the Rossmann fold. 
Smaller contributions to the dimer interface are provided by hydrogen bonding 
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between the b1- and b2-strands of the N-terminal hot dog folds in the central DH 
domains (400 Å2) and interactions between the N-terminus of the ER and the C-
terminus of the DH (Supplementary Table 2.3). The DH dimer adopts a V-shaped 
conformation with an angle of 96°. 
While the central core of the modifying region is mainly stabilized by the 
dimerization interface, additional direct domain interactions occur between the DH 
and ER within the monomer. Fundamental contacts with all domains within the dFAS-
DEK monomer are provided by the KR, with approximately 15% of the KR surface 
area being engaged in domain connectivity. The largest interfaces are formed with 
the YKR and DH, respectively, while the interaction to the ER is comparatively 
smaller. The peripheral YME domain is mainly connected to the YKR with marginal 
interactions to the KR.  
Three polypeptide stretches connect the central core with the lateral KR/YKR/YME 
domains. The majority of the linkers are extended, solvent-exposed polypeptide 
chains. However, a small part of the DH-YME and the YKR-ER linker forms an 
antiparallel, two-stranded b-sheet, which is buried between the KR, YKR and YME. 
Two linkers, the DH-YME and the ER-KR linker are particularly rich in alanine and 
proline (26% and 32%, respectively).  
Superposition of the modifying region of S. scrofa (PDB 2VZ9) and the dFAS-DEK 
structure revealed that both modifying regions were crystallized in the same 
conformation with an overall Ca r.m.s.d. of 1.5 Å (Figure 2.5A). However, in 
comparison to porcine FAS, the N-terminal part of the substrate binding domain 
(SBD) in insect ER is widened by 2-3 Å. The KR, directly interacting with the 
repositioned N-terminus of the ER-SBD, is shifted towards the periphery by ~4 Å, 
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which in turn affects the position of the YKR and YME. The DH is rotated into the 
central core along an axis through the major dimerization interface of the modifying 
region by 2-3 Å.  
 
Figure 2.5 Comparison of the dFAS modifying region to mammalian FAS and PKS.  
(A) Structural alignment onto porcine FAS (Ca r.m.s.d. 1.5 Å). The domain organization of 
insect and mammalian FAS is schematically displayed below. (B) Despite a similar overall 
architecture and conserved monomer folds, PKSs (PDB 5BP4) exhibit a distinct domain 
organization in their modifying domain. Contrastingly to FAS, PKSs feature a linear DH dimer 
instead of a V-shaped conformation. Moreover, the PKS YKR is equipped with an N-terminal 
a2b2-extension. While the FAS modifying region is connected by interdomain contacts, the 
organization of the PKS modifying domain is based on linker connections. 
 
Individual domain folds were structurally aligned and compared to those of porcine 
FAS, a human YME/YKR/KR tridomain (PDB 4PIV) and a human KR domain (PDB 
5C37). Domain folds and active site geometries are structurally highly conserved, 
except for the significantly shorter YME-domain of insect FAS. Deviations are 
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smallest for dimerizing ER domains (1.0 Å Ca r.m.s.d.) and highest for the YKR (2.1 
Å Ca r.m.s.d.) and YME (1.8 Å Ca r.m.s.d.) (Supplemental Information). 
 
2.3  Discussion 
Here, we present the crystal structure of the entire modifying region of D. 
melanogaster FAS at 2.7 Å. Often, multidomain proteins crystallize in distinct 
conformations due to their extensive domain interplay, enabling a wide range of 
conformational sampling.67,96 This structure shows that even distantly related FAS 
modifying regions adopt almost identical ground-state structures. The absence of 
any random conformational variations, as observed for metazoan FAS in electron 
microscopy studies, suggests that the occurrence of these may possibly be coupled 
to distinct enzymatic states.29,64 Remarkably, even the characteristic V-shaped DH 
dimer is preserved in metazoan FAS despite a miniscule dimerization interface and 
the absence of linkage to the dimeric condensing region. It therefore appears to be 
a general inherent structural property of the animal FAS modifying region.  
An artificial expression tag is integrated into the b-sheet of the KR in this structure. 
As the incorporation of alternative regions is not usually observed for b-sheets but 
has now twice been seen for carrier protein-dependent multienzymes at the same 
location, it may indicate the presence of a dynamic hinge.97 This structure of D. 
melanogaster FAS explains substantial sequence variations in the YME of insects 
compared to mammals. Activity assays of full-length insect FAS confirm similar 
turnover rates for the formation of palmitic acid as mammalian FAS. Previously 
thought to add spatial restraints to the reaction cleft, this structure invalidates its role 
as steric guidance for the ACP. 
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Although structurally related, the modifying regions in animal FAS and PKS display 
distinct properties. FAS maintains strong interdomain connections between all 
domains, with the KR functioning as a central connector between the core dimerizing 
ER and DH domains and the lateral non-catalytic domains. The two DH protomers 
form a V-shaped dimer with only a small dimerization interface. Contrastingly, PKSs 
exhibit a linear DH-dimer with a significantly larger dimerization interface including 
handshake interactions between the DH protomers. The PKS YKR contains a lateral 
b-a-b-a extension at its N-terminus (Figure 2.4B), which is absent in FAS YKR. Unlike 
in FAS, domains in the PKS modifying region are connected via a linker-based 
organization with minimal interdomain contacts, facilitating conformational flexibility.63 
Here, we report the first structure of an excised intact modifying region of metazoan 
FAS. Although it belongs to the most divergent subclass of metazoan FAS, insect FAS 
adopts the same conformation as mammalian FAS, suggesting a low-energy 
conformational ground state. Distinct structural characteristics of FAS in comparison 
to the structurally-closely related PKS are conserved, including a V-shaped DH-dimer 
arrangement and direct interactions between the central core and the KR domain. 
We further provide a structural explanation for the truncated non-catalytic YME 
domain in insect FAS, questioning its role as a steric barrier for ACP. In addition, we 
observe the highly rare event of incorporation of an artificial expression tag in the 
presence of the natural sequence into the Rossmann-fold at the C-terminus of the KR 
domain. Being the sole attachment site of the flexible ACP tether, these findings 
suggest a more dynamic role for the KR-ACP anchor as anticipated and provide a 
basis for establishing a specific tagging system in FAS.  
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2.4  Materials and Methods 
2.4.1  Protein expression and purification 
Full-length D. melanogaster FAS isoform 1A (Uniprot identifier: Q9VQL7; FAS) was 
constructed from fragments GH17750 (GenBank: BT050523.1, obtained from DGRC, 
USA) and GH07627 (GenBank: AF145643.1, obtained from DGRC, USA) by Red/ET-
mediated homologous recombination, serving as a PCR template for generation of 
the DEK construct (residues 889-2036).98 All variants were cloned into a modified, 
Gateway-compatible version of the baculovirus transfer vector pACEBac1 (Geneva 
Biotech, CH), coding for an amino (pAB1GN-His10)- or a carboxy-terminal (pAB1GC-
His10) decahistidine tag (His10) to yield amino His10-tagged full-length dFAS (dFAS-
FL) and carboxy His10-tagged dFAS-DEK. 
Protein expression was carried out in Sf21 insect cells (Expression Systems, USA) 
in Insect-XPRESS medium (Lonza, CH) at 27°C using the baculovirus expression 
system.99 Both constructs were expressed and purified individually. Virus was stored 
according to the titerless infected-cells preservation and scale-up method as 
baculovirus-infected insect cells (BIIC).100 Cells were harvested 72-90 h post-
infection by centrifugation and lysed by sonication in 50 mM HEPES pH 7.4, 200 mM 
NaCl, 20 mM imidazole, 10% glycerol and 10 mM b-mercaptoethanol. Lysate was 
cleared by ultracentrifugation. Soluble protein was purified by affinity 
chromatography using High Affinity Ni-Charged Resin (GenScript, USA) and eluted 
with a linear gradient to 300 mM imidazole. The eluate was diluted to 50 mM NaCl 
and subjected to anion exchange chromatography using a PL-SAX 4000Å 10 µm 
resin (Agilent, USA). For dFAS-FL, a 5-column volume (CV) linear gradient to 500 mM 
NaCl was applied, whereas dFAS-DEK was eluted by a 20-CV linear gradient to 200 
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mM NaCl. Both, dFAS-FL and dFAS-DEK were applied onto a Superdex 200 size 
exclusion column (GE Healthcare, USA), equilibrated in crystallization buffer (20 mM 
HEPES pH 7.4, 250 mM NaCl, 5% glycerol and 5 mM DTT). Purified dFAS-FL was 
concentrated to 12 mg/mL and dFAS-DEK to 20 mg/mL, respectively, flash-frozen in 
liquid nitrogen and stored at -80°C. 
 
2.4.2  Enzymatic activity assay 
FAS activity was measured by spectrophotometrically (Synergy H1 Hybrid Reader, 
BioTek, USA) monitoring the decrease in absorbance at 340 nm due to NADPH 
oxidation in the overall reaction of long-chain fatty acid synthesis.101 Following 
incubation of 20 nM dFAS-FL with 40 µM acetyl-CoA and 150 µM NADPH in 50 mM 
potassium phosphate buffer at pH 7.0 at 25°C for 5 minutes, malonyl-CoA was added 
to a final concentration of 120 µM and recorded for 40 minutes. Measurements were 
conducted with four replicates per condition.  
 
2.4.3  Crystallization of dFAS-DEK 
Insect FAS modifying region, dFAS-DEK, was crystallized at 18°C by sitting-drop 
vapor diffusion. Initial 100 µm-long crystal plates, diffracting to ~4-5 Å resolution, 
appeared after two days with 10 mg/mL dFAS-DEK in 0.1 M Bis-Tris propane, 0.2 M 
sodium acetate and 20% PEG 3350 at pH 7 and 0.1 M Bis-Tris propane, 0.2 M sodium 
bromide and 22.5% PEG 3350 at pH 6.5, both in the presence of 1.5 mM NADP+. 
After scaling-up, dFAS-DEK was crystallized at 20 mg/mL using microseeding of 100-
fold diluted initial crystals and a protein to reservoir (0.1 M Bis-Tris propane pH 6.5, 
0.35 M NaBr, 17.5% PEG 3350 and 10 mM NADP+) to seed ratio of 2:1.6:0.4 in a total 
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drop volume of 4 µL. Plate-shaped crystals appeared after 12 hours and continued 
to grow for 3 days to a size of ~400x200 µm. Crystals were dehydrated and cryo-
protected in a stepwise protocol using reservoir-like stabilization solution at linearly 
increasing concentrations of ethylene glycol before vitrification in liquid nitrogen. The 
final solution contained 0.1 M Bis-Tris propane pH 6.5, 0.35 M NaBr, 22.5% PEG 
3350, 20% ethylene glycol. 
 
2.4.4  Structure determination of dFAS-DEK 
X-ray diffraction data was collected at beamline X06DA (PXIII) at Swiss Light 
Source (SLS, Paul Scherrer Institute, Villigen, Switzerland) using a PILATUS detector 
at 100 K. A total of 4 sets, containing 720 frames each, were collected from two dFAS-
DEK crystals at a wavelength of 1.00003 Å and a rotation angle of 0.25°. Raw data 
was processed and merged utilizing XDS.102,103 Phases were obtained by molecular 
replacement in PHASER, using the individual atomic coordinates of the DH, ER and 
KR domains of the S. scrofa FAS structure (PDB: 2VZ9) as multiple search models. 
An initial round of model refinement was performed using REFMAC5 (CCP4 program 
suite)104,105, followed by density modification with parrot106 and model autobuilding by 
buccaneer.107,108 The initial model was refined by iterative cycles of manual model 
building in coot (Version 0.8.8),109 supported by feature enhanced maps generated 
by phenix.fem,110 and refinement in BUSTER.111 For final fine-tuning, refinement was 
performed with phenix.refine.112-115 Figure preparation was carried out in PyMOL 
(Schrödinger LLC).  
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2.4.5  Structural analysis 
Structure analysis was performed using the protein structure comparison service 
PDBeFold at European Bioinformatics Institute (EBI)116 for structural alignments and 
the ‘Protein interfaces, surfaces and assemblies’ service PISA at EBI117 for interface 
analysis. Sequence alignments were conducted in Geneious version 7.1.7118. For 
structural comparisons, PDB files of porcine FAS (2VZ9), human KR/YKR/YME (4PIV 
and 5C37), a PKS ER/KR/YKR dimer (3SLK) and the modifying region of a MsMAS-
like PKS (5BP4) were utilized.  
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Supplementary Figure 2.1 Sequence alignment of metazoan FAS.  
ClustalW sequence alignment with BLOSUM matrix, Gap open cost of 10 and Gap extent 
cost of 0.1. Domains are indicated above sequence. Red triangles show active site residues. 
Similarity is colored from green (100% similar) to yellow (60-80% similar). 
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Supplementary Figure 2.2 Purification and activity of D. melanogaster FAS.  
(A) SDS-PAGE analysis of full-length FAS (dFAS-FL; residues 1-2438) and modifying region 
(dFAS-DEK; residues 889-2036). (B) dFAS-FL catalytic activity measured by the NADPH 
oxidation at 340 nm, yielding a specific activity of 926 nmol NADPH per min/mg.  
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Supplementary Figure 2.3 Fold conservation in the KR C-terminus.  
Structural alignment of the dFAS (red), porcine (dark gray, PDB 2VZ9) and human (light gray, 
PDB 4PIV) KR domain. The last 22 residues of the C-terminus in dFAS KR are colored red. In 
all structures, a glutamine (Gln2042 in dFAS, Gln2101 in human and pig) induces a turn after 
helix a6. His2045 is structurally aligned with the Gln2101 in human and pig, suggesting a 
possible role in inducing a second turn in dFAS. Each turn features a proline residue in its 
center, with Pro2046 (dFAS) being conserved in all FAS KR structures, suggesting an 
important role in turn formation. 
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Supplementary Figure 2.4 B-factor distribution in the KR domain of dFAS, pig and 
human.  
B-factor values are low throughout the KR domains in dFAS (left), pig (middle, PDB 2VZ9) 
and human (right, PDB 4PIV). Higher B-factor values appear close to and in the substrate 
binding extension in pig and human. In the human KR structure, higher B-factor values are 
shown for helices which are involved in interdomain contacts with the ER. The ER is excised 
in the human KR/YKR/YME FAS structure. B-factors in the C-terminal a6-turn-b7 motif are 
low, suggesting a rigid fold.  
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Supplementary Figure 2.5 Domain swap at identical site in a PKS.  
Alternative refolding of the KR C-terminus in a PKS (PDB 3SLK). Following b6 of the KR 
Rossmann-fold (yellow), the polypeptide chain extends and interacts with an ER (green) of a 
different molecule in the crystal. The site of refolding corresponds to the beginning of the 
disordered substrate binding domain in dFAS-DEK, preceding the C-terminal a6-turn-b7 fold. 
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Supplementary Table 2.1 Crystallographic data collection and refinement 
statistics for dFAS-DEK 
 
Wavelength (Å)    1.00003 
Resolution range (Å)     129.7 – 2.7 (2.797– 2.7)* 
Space group      P 21 21 21 
Unit cell (Å)      75.45, 174.15, 194.45 
a, b, g (°)     90, 90, 90 
Total reflections    1643444 
Unique reflections    68282 (7006) 
Multiplicity     24.06 
Completeness (%)    96 (100) 
Mean I/s (I)      15.57 (2.33) 
Wilson B-factor (Å2)     54.01 
R-meas     0.24 
CC1/2      0.998 (0.832) 
Reflections used in refinement   68240 (6989) 
Reflections used for R-free   3384 (381) 
R-work      0.221 (0.329) 
R-free      0.255 (0.351)  
Number of non-hydrogen atoms  17117 
Macromolecules    16905 
Protein residues    2182 
RMS (bonds)      0.003 
RMS (angles)      0.69 
Ramachandran favored (%)   97 
Ramachandran allowed (%)   3.1 
Ramachandran outliers (%)   0 
Rotamer outliers (%)    0 
Clashscore     1.29 
Average B-factor (Å2)     70.07 
Macromolecules    70.36 
Solvent  (%)     44.7 
Number of TLS groups    8 
 
*Statistics for the highest-resolution shell are shown in parentheses.   
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Supplementary Table 2.2 Structural similarity of the dFAS modifying domain 
with human and pig.  
Ca r.m.s.d. deviations from structural alignment of dFAS-DEK onto available high-
resolution structures of FAS using PDBeFOLD. Only the best matching monomer is 
listed. PDB accession codes are given in parentheses.  
 
Structure 1 Structure 2 Ca r.m.s.d. [Å] Aligned residues 
dFAS DEK pig DEK (2VZ9) 1.51 622 
dFAS DH pig DH (2VZ9) 1.18 225 
dFAS YME pig YME (2VZ9) 1.97 155 
dFAS YME human YME (4PIV) 1.79 143 
dFAS YKR pig YKR (2VZ9) 2.07 84 
dFAS YKR human YKR (4PIV) 2.10 90 
dFAS ER pig ER (2VZ9) 1.03 316 
dFAS KR pig KR (2VZ9) 1.22 177 
dFAS KR human KR (4PIV) 1.28 177 
dFAS KR human KR (5C37) 1.21 177 
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Supplementary Table 2.3 Interface analysis of the dFAS modifying region.  
Interface surface area and interaction types within the dFAS-DEK dimer obtained with 
PDBePISA. 
 
Interface 1 Interface 2 Area [Å2] Hydrogen 
bonds 
Salt bridges 
ER, chain A ER, chain B 1113.8 31 - 
DH, chain A DH, chain B 417.9 8 - 
DH, chain A ER, chain A 221.0 1 - 
DH, chain A ER, chain B 331.1 4 - 
DH, chain A KR, chain A 559.1 7 1 
KR, chain A ER, chain A 257.2 3 2 
KR, chain A YKR, chain A 591.1 8 - 
KR, chain A YME, chain A 27.0 - - 
YKR, chain A YME, chain A 697.1 9 1 
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Supplementary Table 2.4 Interactions of the KR C-terminus with adjacent linker 
regions.  
Interface surface area, interaction types and free solvation energy upon interface 
formation (DG) between the KR C-terminus und adjacent linker regions. dFAS KRC-ter 
encompasses residues 2033-2055 (unnatural C-terminus) and pig KRC-ter comprises 
residues 2088-2113. 
 
Interface 1 Interface 2 Area [Å2] Hydrogen 
bonds 
Salt 
bridges 
DG 
[kcal/mol]§ 
dFAS      
KRC-ter,  
A-chain 
DH-YME 
linker 
630.1 8 - -12.1 
KRC-ter,  
B-chain 
DH-YME 
linker 
561.7 6 - -11.1 
KRC-ter,  
A-chain 
YKR-ER 
linker 
209.4 - - -2.5 
KRC-ter,  
B-chain 
YKR-ER 
linker 
229.8 - - -2.9 
Pig      
KRC-ter,  
A-chain 
DH-YME 
linker 
490.7 6 - -8.1 
KRC-ter,  
B-chain 
DH-YME 
linker 
489.0 5 - -7.7 
KRC-ter,  
A-chain 
YKR-ER 
linker 
243.3 1 1 -4.0 
KRC-ter,  
B-chain 
YKR-ER 
linker 
230.4 1 1 -3.9 
 
§difference in total solvation energy of isolated and interfacing structure 
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Supplementary Table 2.5 Interactions in the C-terminal helix-turn-strand fold. 
Interface surface area, interaction types and free solvation energy upon interface 
formation (DG) within the KR C-terminus for dFAS, porcine and human KR. The model 
“dFAS 2015-2036” was obtained by building the natural sequence of the C-terminus 
in the dFAS model, following the fold in the porcine and human KR structures.  
 
Construct  Area [Å2] Hydrogen 
bonds 
Salt 
bridges 
DG 
[kcal/mol]§ 
dFAS      
2015-2036, 
A-chain 
Natural 
sequence 
122.9 - 1 -1.1 
2015-2036, 
B-chain 
Natural 
sequence 
122.9 - 1 -1.1 
2033-2055, 
A-chain 
Incorporated 
expression 
tag 
194.1 - 1 -4.2 
2033-2055, 
B-chain 
Incorporated 
expression 
tag 
148.8 - 1 -3.5 
Pig      
2088-2113, 
A-chain 
Natural 
sequence 
196.2 - 1 -3.8 
2088-2113, 
B-chain 
Natural 
sequence 
194.6 - 1 -3.8 
Human      
2088-2113, 
A-chain 
Natural 
sequence 
216.9 - 1 -3.8 
2088-2113, 
B-chain 
Natural 
sequence 
202.8 - 1 -4.1 
 
§difference in total solvation energy of isolated and interfacing structure 
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Supplementary Table 2.6 Interactions of the KR C-terminus with the KR fold. 
Interface surface area, interaction types and free solvation energy upon interface 
formation (DG) of the KR C-terminus with the b-sheet of the KR domain for dFAS, 
porcine and human KR. The model “dFAS 2015-2036” was obtained by building the 
natural sequence of the C-terminus in the dFAS model, following the fold in the 
porcine and human KR structures.  
 
Interface 1 Interface 2 Area [Å2] Hydrogen 
bonds 
Salt 
bridges 
DG 
[kcal/mol]§ 
dFAS      
KR, chain A C-ter  
2033-2055 
(expression 
tag) 
935 8 1 -17.4 
KR, chain B C-ter  
2033-2055 
(expression 
tag) 
903.3 9 - -17.8 
KR, chain A C-ter  
2015-2036 
(natural 
sequence) 
804.1 7 2 -17.1 
KR, chain B C-ter  
2015-2036 
(natural 
sequence) 
799.0 6 1 -15.8 
Pig      
KR, chain A Natural 
sequence 
1212.0 20 5 -20.7 
KR, chain B Natural 
sequence 
1202.3 21 5 -20.5 
Human      
KR, chain A Natural 
sequence 
1276.8 23 6 -21.8 
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KR, chain B Natural 
sequence 
1279.3 23 6 -21.8 
 
§difference in total solvation energy of isolated and interfacing structure 
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3  High-Speed AFM Visualization of the Dynamics of the 
Multienzyme Fatty Acid Synthase 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Reproduced with permission from  
Benning, F. M. C.; Sakiyama, Y.; Mazur, A.; Bukhari, H. S. T.; Lim, R. Y. H.; Maier, T. 
High-Speed Atomic Force Microscopy Visualization of the Dynamics of the 
Multienzyme Fatty Acid Synthase. ACS Nano. 2017, 11, 10852-10859. 
Copyright 2017 American Chemical Society. 
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3.1  Abstract  
Multienzymes, such as the protein metazoan fatty acid synthase (FAS), are giant and 
highly dynamic molecular machines for critical biosynthetic processes. The 
molecular architecture of FAS was elucidated by static high-resolution 
crystallographic analysis, while electron microscopy revealed large-scale 
conformational variability in FAS with some correlation to functional states in catalysis. 
However, little is known about time scales of conformational dynamics, the trajectory 
of motions in individual FAS molecules, and the extent of coupling between catalysis 
and structural changes. Here, we present an experimental single-molecule approach 
to film immobilized or selectively tethered FAS in solution at different viewing angles 
and high spatiotemporal resolution using high-speed atomic force microscopy. 
Mobility of individual regions of the multienzyme is recognized in video sequences, 
and correlation of shape features implies a convergence of temporal resolution and 
velocity of FAS dynamics. Conformational variety can be identified and grouped by 
reference-free 2D class averaging, enabling the tracking of conformational transitions 
in movies. The approach presented here is suited for comprehensive studies of the 
dynamics of FAS and other multienzymes in aqueous solution at the single-molecule 
level.   
KEYWORDS: multienzyme; molecular movie; conformational flexibility; lipid bilayer; 
immobilization; macromolecular assembly; carrier protein 
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3.2  Introduction 
Multienzymes and multienzymatic complexes are dynamic machines of life with 
crucial roles in cellular functions such as energy homeostasis, signaling, and 
anabolic metabolism.96,119-122 They also serve as blueprints for the design of 
bioinspired nanomachines, targeted for the tailored production of biological 
compounds.123-126 Multienzymes integrate several enzymatic functions into giant 
polypeptide chains, which may further oligomerize to form a functional biological 
assembly. In carrier protein-dependent multienzymes, a flexibly tethered carrier 
protein shuttles covalently bound intermediates between catalytic domains. 
Substrate tethering enhances product formation by preventing noncognate access 
by other cellular enzymes, providing high local concentrations of intermediates and 
enabling the processing of insoluble substrates.10,127  
Metazoan fatty acid synthase (FAS) is a key paradigm for carrier protein-dependent 
multienzymes. It catalyzes the essential de novo biosynthesis of fatty acids from 
carbohydrate-derived precursors.33 FAS inhibition blocks proliferation in many solid 
tumors, making FAS an attractive target for antitumor therapy.13 
The FAS polypeptide comprises seven distinct functional domains, that catalyze 
more than 40 individual reaction steps in the cyclic biosynthesis of palmitic acid. 
Metazoan FAS is active as a homodimer. It adopts an X-shape featuring two lateral 
reaction clefts and is structurally and functionally segregated into a condensing and 
a modifying region (Figure 3.1).11 
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Figure 3.1 Crystal structure of metazoan FAS (Protein Data Bank (PDB) accession code: 
2VZ9, from S. scrofa).  
Functionally plausible positions of the nonresolved flexible acyl carrier protein (ACP) and 
thioesterase domain (TE) are schematically indicated on the basis of isolated high-resolution 
structures (rat ACP, black, PDB: 2PNG; human TE, blue, PDB: 2PX6). The domain 
organization of mammalian and insect FAS is schematically displayed below. Sequence 
identity to D. melanogaster FAS is 44% for porcine FAS, 47% for rat ACP, and 31% for human 
TE. Locations of the active sites (black spheres) as well as the His10-tag anchor sites at the 
amino terminus (blue spheres) and carboxy terminus (red spheres) are indicated. Domains 
are abbreviated as follows: ketosynthase (KS; orange), malonyl/acetyltransferase (MAT; red), 
dehydratase (DH; light green), pseudomethyltransferase (YME; violet), 
pseudoketoreductase (YKR; yellow), enoylreductase (ER; dark green) and ketoreductase 
(KR; yellow). Linkers are indicated in gray. 
 
Our crystallographic analysis of mammalian FAS revealed key insights into domain 
organization and provided a static representation of multienzyme architecture at 
near-atomic resolution.26,38 The flexibly tethered acyl carrier protein (ACP) and 
thioesterase (TE) domains remained unresolved in the crystallographic analysis. 
However, on the basis of the extent of its flexible linker, the mobility of the 
phosphopantetheinylated ACP in the static model is sufficient to reach a complete 
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set of active sites within one reaction cleft at distances between active sites of up to 
85 Å, while the opposite site reaction cleft remains out of reach (Figure 3.1).11 
However, in vitro mutant complementation and cross-linking assays indicated the 
interaction of one ACP with active sites of the condensing region from both reaction 
clefts.65,66 Indeed, electron microscopy (EM) analysis of metazoan FAS demonstrated 
large-scale conformational variability with some correlation to functional states.29,64 A 
similar degree of structural variability has been observed in other carrier protein-
dependent multienzymes and suggests a general role of large-scale domain 
movements.12,67 
Here, we report an experimental approach based on high-speed atomic force 
microscopy (HS-AFM) for studying the dynamics of individual multienzymes in 
aqueous solution approaching a temporal and spatial resolution required to follow 
large-scale conformational changes during catalysis. HS-AFM has been used to 
visualize dynamic protein systems such as myosin V on actin,86 the F1-ATPase,87 
GroEL-GroES interaction128 and the nuclear pore complex.88 It enables direct 
simultaneous recording of structure and dynamics at nanometer spatial and sub-100 
ms temporal resolution in aqueous buffer without the need for labeling.90 As HS-AFM 
is operated in tapping mode with forces in the hundred piconewton range at 
microsecond pulses, disturbances to the specimen are minimized.  
To explore monitoring real-time dynamics of single multienzymes and 
megasynthases ranging from 0.3 to >1 MDa during catalysis in solution, we visualized 
metazoan FAS using HS-AFM and employed quantitative approaches for unbiased 
image analysis. Soluble proteins are demanding objects for HS-AFM imaging and 
analysis due to their nonspecific surface orientation. Carrier protein-dependent 
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multienzymes pose a particular challenge because of their pronounced 
conformational variability and the small size of their domains at the 1-10 nm length 
scale. For obtaining alternate views of the multienzyme, we employ different methods 
of nonspecific immobilization and selective tethering. The approach depicted here 
provides a basis for studying the dynamics of individual multienzymes in solution at 
high spatiotemporal resolution with the ultimate aim of filming their inherent 
conformational flexibility during enzymatic action.  
 
3.3  Results and Discussion 
3.3.1  Expression and Purification of FAS 
D. melanogaster FAS, carrying a decahistidine tag (His10) at either its amino (N-
His10-FAS) or carboxy (FAS-His10-C) terminus, was overexpressed in S. frugiperda 
(Sf21) insect cells and purified with a yield of 9.6 mg per liter of culture. Immobilized 
nickel-affinity chromatography was applied as a first purification step; FAS was further 
purified by anion exchange and size exclusion chromatography. Homogeneity was 
confirmed by SDS-PAGE analysis (Supplementary Figure 3.1A). Formation of long-
chain fatty acids through the addition of the substrates acetyl-coenzyme A (acetyl-
CoA), malonyl-CoA, and NADPH was monitored by measuring NADPH oxidation at 
340 nm, yielding a specific activity of 926 nmol NADPH per min/mg (Supplementary 
Figure 3.1B), similar to human FAS (Chapter 3.9.2). 
 
3.3.2  Imaging FAS Immobilized on Mica 
High-speed AFM measurements of FAS on both mica and mica-supported lipid 
bilayers are compatible with substrate addition. For imaging on mica, FAS was first 
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nonspecifically immobilized on freshly cleaved mica at room temperature (Figure 
3.2A). Imaging quality was best in 50 mM potassium phosphate at pH 7.0. At particle 
concentrations of 2-3 nM, single multienzyme immobilization was achieved. Higher 
concentrations resulted in crowded surfaces. Frames were collected at rates of 0.5-
4 frames per second (fps). Frame collection was in some cases impeded by 
spontaneous particle detachment from the mica surface and drifting of the sample 
stage. Drifting was counteracted by manual position correction of the sample stage. 
The majority of FAS molecules showed a preferred orientation on mica, offering a side 
view onto the molecule resembling the X-shape view depicted in Figure 3.1. FAS 
dimers were identified by their size and shape. The average dimensions of the 
particles of 24.9 ± 3.8 nm along the long axis and 6.4 ± 1.1 nm height match the 
dimensions of 18.8 nm by 15 nm by 7.7 nm from the crystal structure of S. scrofa FAS, 
in which the flexibly tethered ACP and TE domains are not resolved (Figure 3.2B).26 
In consecutive video frames, two independently rotating large subsegments of FAS 
can be identified (supporting movie).  
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Figure 3.2 Imaging FAS immobilized on mica.  
(A) Experimental setup of HS-AFM imaging of FAS (as shown in Figure 3.1) on mica. An 
electron microscopy image of the electron beam-deposited carbon tip is shown (right); 
carbon tip and molecular structure are not drawn to scale. (B) 400 nm ´ 400 nm overview 
scan of 2 nM FAS on mica, close-up scan of a single FAS molecule and matched simulated 
AFM-image (for details, see chapter 3.9.10). The FAS orientation used for generating the AFM 
simulation was determined by cross-correlation analysis (Chapter 3.9.10). 
 
3.3.3  Imaging N-/C-Terminally Tagged FAS selectively Tethered to Affinity Lipid 
Bilayers 
With the objective of providing different filming perspectives and to avoid 
immobilization-specific restraints on dynamics, a decahistidine tag plus a connecting 
sequence was introduced at either the amino (N-His10-FAS) or the carboxy terminus 
(FAS-His10-C) of FAS for tag-based tethering (Figure 3.3A, B; for details, see the 
Methods). While the two amino termini of the active homodimer are in close proximity 
to each other at the center of the condensing region of the molecule, preceding the 
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ketosynthase (KS) domain, the two carboxy termini are located at the TE domain 
(Figure 3.1).38 This domain has been shown to be extremely flexible in metazoan 
FAS129 and is only tethered to the inherently mobile carrier protein via an unstructured 
approximately 40-residue long linker. 
 
Figure 3.3 Imaging N-/C-terminally tagged FAS selectively anchored to mica-supported 
lipid bilayers (SLB).  
(A, B) Schematic representation of N-His10-terminally (A) and C-His10-terminally (B) tethered 
FAS. (C) Unprocessed 400 nm ´ 400 nm overview scan of N-His10-FAS on SLB. (D, E) 
Experimental raw HS-AFM image, processed and matched simulated AFM image of N-His10-
FAS (D) and FAS-His10-C (E) on SLB (for details, see chapter 3.9.10).  
 
Decahistidine-tagged FAS was tethered to mica-supported lipid bilayers (SLB) 
comprising 1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC) and 1,2-dioleoyl-
sn-glycero-3-[(N-(5-amino-1-carboxypentyl)iminodiacetic acid)succinyl] (nickel salt) 
(DGS-NTA(Ni)). Planar complete bilayer patches were created by dispensing 100 µM 
liposomes, comprised of a 4-fold molar excess DMPC over DGS-NTA(Ni), onto freshly 
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cleaved mica and incubation for at least 12 h at room temperature. Shorter incubation 
times resulted in incomplete SLBs. Prior to immobilization of FAS onto the SLBs, the 
bilayer quality was evaluated by initial scans. The bilayers appeared planar and 
continuous, containing only very few small holes. FAS was filmed at imaging rates 
ranging from 0.5 to 10 fps. Frame collection was in some cases obstructed by lipid 
particles being dragged by the carbon tip. Visual inspection did not reveal any 
particle detachment from the lipid bilayer, indicating sufficient affinity for tethering. 
As opposed to FAS on mica, all molecules remained stably attached.  
FAS molecules display a different preferential orientation compared to mica-
attached FAS. The average height of N-His10-FAS molecules was 11.5 ± 0.9 nm, 
matching the dimensions of the atomic models of homologous enzymes and 
suggesting that the short axis of the particle is preferentially oriented perpendicular 
to the bilayer (Figure 3.3D). FAS-His10-C molecules (Figure 3.3E) had an average 
height of 11.9 ± 3.1 nm. The larger standard deviation could be attributed to varying 
tilting of the molecule, presumably favored by tethering via the mobile TE domain. 
 
3.3.4  Movie Frame Alignment and Analysis 
Further analysis and processing was conducted on all movies filmed under 
nonspecific immobilization or selective tethering. To compensate for drift, we have 
aligned particles in a total of 13637 frames from 163 movies. Problems encountered 
using conventional alignment methods were sudden particle dislocation when 
analyzing FAS on mica movies, two or more molecules moving independently in one 
movie, as well as image tilt, dirt, and noise. These problems prevented the collection 
of longer frame sets than 100 frames (20-100 frames) but were partly overcome by 
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introducing an algorithm for tilt correction and xy-alignment (Chapter 3.9.3). Selecting 
a single frame as a reference for alignment led to significantly better results than 
aligning an image onto the preceding frame. Structural variability as a combined 
result of conformational or orientational changes was quantitatively described by 
calculating variance maps based on the height information on the aligned frames of 
a movie (Figure 3.4, Chapter 3.9.4). 
 
Figure 3.4 Dynamics of a single FAS on mica.  
(A) Successive aligned and filtered frames from a movie of FAS at 0.5 fps. (B) Variance map 
calculated from all frames in (A) showing variance in pixel height, which can be interpreted 
as a relative rotation between two segregated subsegments of FAS. 
 
3.3.5  Temporal Resolution of FAS Imaging and Time Scales of Biological 
Motions 
One of the hallmarks of HS-AFM is its simultaneous high temporal and spatial 
resolution. High imaging speeds result from using small cantilevers with higher 
resonance frequencies compared to cantilevers used in conventional tapping-mode 
AFM. In this protocol, frame durations of down to 100 ms (for selectively-tethered 
FAS) were achieved; the maximum frame duration employed was 2000 ms.  
In metazoan FAS, depending on assay conditions and source organism, the rate of 
product formation, calculated for palmitate, varies between 0.3 and 1.6 molecules 
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per second with two to 11 individual enzymatic elongation cycles performed per 
second per FAS dimer (Chapter 3.9.2). With imaging speeds of up to 10 fps, insect 
FAS is sampled 2.5 times per cycle. The correlation of sequential images within a 
movie was addressed by calculating the autocorrelation function of the first and 
second principal component of the imaged particle. Autocorrelation is observed in 
46% of all movies, including all scan speeds, suggesting that sequential images are 
not random (Chapter 3.9.5).  
Synthesis of palmitic acid, the major product of FAS, requires seven cycles of chain 
elongation, each of which involves shuttling of intermediates between five active sites 
by ACP. Mutant complementation assays in rat FAS indicated that in 20% of the 
cycles the ACP reaches to the opposite site reaction cleft.130 Assuming a conserved 
molecular architecture and synthesis mechanism in metazoan FAS, this suggests a 
rotation of the condensing part at a rate of 0.84 s-1 in our movies of insect FAS. Thus, 
we expect at least two regimes of motions in FAS: fast smaller scale motions during 
substrate shuttling by ACP and slower large-scale rotations. While the large-scale 
rotations can be temporally and spatially resolved, the faster conformational changes 
induced during substrate shuttling require a higher temporal and spatial resolution.  
 
3.3.6  Spatial Resolution of HS-AFM Imaging of FAS 
With the current setup, we achieve an estimated minimum lateral resolution of ~2-
5 nm and ~1.5 nm vertical resolution. The resolution was estimated by distance 
measurements between two separated feature peaks in cross sections of the 
particles and comparison to simulated AFM images (Chapter 3.9.6). In movie series, 
we observe a segregation of FAS into two principal segments, which slightly differ in 
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shape and size. While the general X-shape of the enzyme is recognizable, identifying 
individual domain regions remains a challenge. Plasma etching of the electron beam-
deposited (EBD) carbon tip is suited for producing tips with an apex radius of 1-2 
nm, albeit at low yields.131,132 This could significantly improve the spatial resolution 
and enable the identification of individual domains in FAS. 
 
3.3.7  Analysis of Conformational Transitions of Single FAS Molecules by 2D 
Image Classification 
Large-scale motions in FAS were visualized previously by negative stain electron 
microscopy.29,64 By fitting atomic structures of FAS domains into the EM 
reconstructions, the authors identified rotation and swinging of the condensing 
relative to the modifying portions as well as domain rearrangements in the modifying 
part of FAS. Visual inspection of our movies reveals large-scale movements of parts 
of the molecule in most frames (Figure 3.4A). Most notably, we observe fast rotation 
of one of the two segments relative to the other as well as an opening and closing of 
the cleft (supporting movie). 
Reference-free correntropy-based 2D classification133 of particles enabled us to 
identify a wide variety of conformations and to track them on a movie timeline (Figure 
3.5). 2D classification is a technical term for a standard procedure in single-particle 
EM for analyzing individual 2D projection images, which contain 3D information from 
electron transmission in the form of pixel values. The technique is used to obtain 
homogeneous image populations with respect to molecular structure and image 
quality. Here, we used this procedure for grouping individual 2D particle images with 
pixel values encoding 3D information based on surface height, extracted from the 
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context of consecutive movie frames, and for the bias-free identification of similar 
states within and across movies.  
Due to a substantially higher contrast and an intrinsically high resolution of the HS-
AFM images, basic parameters had to be modified compared to the application of 
2D classification in single-particle EM. The images used for classification, in contrast 
to EM images, already have strong local contrast, inherently limited resolution and 
provide a surface representation only. Thus, classification does not lead to enhanced 
detail level or toward full 3D reconstructions.  
 
Figure 3.5 Identification of conformational variety by reference-free 2D classification of 
FAS imaged on mica in the absence of substrate.  
Example for two out of 60 classes. Similar conformations appearing in different movies can 
be sorted into the same class. The temporal occurrence of a classified particle is depicted 
on a schematic movie timeline (green, class A; yellow, class B). However, at present no 
complete coverage of frames is achieved. 
 
For analysis, between 397 and 2196 frames originating from different movies in 
each individual immobilization category were extracted and subjected to 
classification without prior information on their movie context. The number of classes 
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was varied, and an optimum of 15 to 100 classes was found, depending on the 
category. Images with residual artifacts such as streaks had a minor effect on 
classification. The success of the classification procedure is demonstrated by the 
fact that classification preferentially groups successive movie frames into identical 
classes, in agreement with the results of the autocorrelation analysis, without 
considering the movie context in the classification process itself. Additionally, the 
classification procedure is insensitive to small variations between source movies and 
is able to identify related states across movies (Figure 3.5). Thus, the unbiased 2D 
classification procedure enabled us to assign principal conformational states of FAS 
as well as to obtain their lifetime, transition duration, and sequential order.  
Many principal FAS conformations appear in both the absence and the presence 
of substrate, indicating that FAS already samples a large range of conformations in a 
resting state. At the current stage of data collection, mapping of principal classes is 
still incomplete, leaving substantial gaps between identified classes in the movie 
frame series. Interpretation of plausible differences in conformational dynamics 
between FAS imaged in the absence and presence of substrate requires a 
substantially higher amount of data. Based on the principal success of analysis, we 
can now aim for large-scale HS-AFM movie collection to obtain sufficient data for a 
comprehensive analysis of functional dynamics of FAS using series of substrate 
conditions and mutant protein variants.  
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3.4  Conclusion 
Here, we present an approach to visualize the conformational dynamics of FAS in 
solution. We demonstrate that single, highly flexible multienzymes can be analyzed 
by HS-AFM in aqueous environments to obtain a mapping of their conformational 
dynamics with subsegment level spatial resolution. The combination of different 
molecular tethering strategies offers variable viewpoints, eliminates artifacts and is 
advantageous because it preserves the dynamic functional state of FAS. 
Autocorrelation analysis demonstrates that the temporal resolution of ~100 ms 
overlaps with the time scale of FAS large-scale conformational changes. Reference-
free 2D classification allows a detailed analysis of conformational states and their 
transitions. HS-AFM imaging proves to be a suitable technique for elucidating 
conformational dynamics of multienzymes with high spatiotemporal resolution with 
further potential for optimizing spatial resolution (e.g., based on sharper tips) or 
matching temporal resolution by slowing molecular motions using low temperature or 
higher viscosity media. Nevertheless, the current approach provides highly 
complementary data to single-molecule studies measuring individual Förster 
resonance energy transfer (FRET) distances between fluorescent label pairs or static 
3D cryo-EM and crystallographic imaging with the additional option to directly add 
substrates and observe enzymatic action in situ. Based on the data presented here, 
HS-AFM imaging will strongly contribute to our understanding of functional 
multienzyme dynamics, as a prerequisite for the ultimate aim of re-engineering 
efficient biosynthetic factories for the production of complex natural products. 
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3.5  Materials and Methods 
3.5.1  Protein Expression and Purification 
Full-length D. melanogaster FAS (FAS) was assembled from fragments GH17750 
(GenBank: BT050523.1, obtained from Drosophila Genomics Resource Center 
(DGRC), USA) and GH07627 (GenBank: AF145643.1, obtained from DGRC, USA) by 
RedET-mediated linear-linear homologous recombination.134 N-His10-FAS and FAS-
His10-C were generated by cloning FAS into pAB1GN-His10 and pAB1GC-His10, 
which are Gateway (Thermo Fisher Scientific, USA) compatible derivatives of the 
pACEBac1 vector (Geneva Biotech, CH). They encode an additional amino- or 
carboxy-terminal decahistidine tag, respectively, and a connecting sequence 
encompassing a protease cleavage and cloning site with a combined maximum 
length of 9.3 nm (tag: 3.3 nm, connecting sequence: 6 nm) in an all-extended 
conformation. Both full-length constructs, which only differ by the position of the 
affinity tag, were expressed and purified individually. Protein expression was carried 
out in Sf21 insect cells (Expression Systems, USA) in Insect-XPRESS medium (Lonza, 
CH) at 27 °C using the baculovirus expression system.99 Virus was stored according 
to the titerless infected-cells preservation and scale-up method as baculovirus-
infected insect cells (BIIC).100 
Cells were harvested 72 h postinfection by centrifugation and lysed by sonication 
in 50 mM HEPES pH 7.4, 200 mM NaCl, 20 mM imidazole, 10% glycerol and 10 mM 
b-mercaptoethanol. Lysate was cleared by ultracentrifugation. Soluble protein was 
purified by affinity chromatography using High Affinity Ni-Charged Resin (GenScript, 
USA) and eluted with a linear gradient to 300 mM imidazole. The eluate was diluted 
to 50 mM NaCl and subjected to anion exchange chromatography using a PL-SAX 
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4000 Å 10 µm resin (Agilent, USA) and a linear gradient to 500 mM NaCl. FAS was 
concentrated to ~30 mg/mL and applied onto a Superdex 200 size exclusion 
chromatography column (GE Healthcare, USA). Purified FAS was concentrated to 12 
mg/mL in 20 mM HEPES pH 7.4, 250 mM NaCl, 5% glycerol and 5 mM DTT, flash-
frozen in liquid nitrogen and stored at -80 °C. 
 
3.5.2  Enzymatic Activity Assay 
FAS activity in the overall reaction of long-chain fatty acid formation was measured 
spectrophotometrically (Synergy H1 Hybrid Reader, BioTek, USA) by monitoring the 
decrease in absorbance of NADPH at 340 nm.101 After 20 nM FAS was incubated with 
40 µM acetyl-CoA and 150 µM NADPH in 50 mM potassium phosphate buffer at pH 
7.0 at 25 °C for 5 min, malonyl-CoA was added at different concentrations up to 120 
µM, as indicated in Supplementary Figure 3.1B, followed by UV recordings of 40 min. 
 
3.5.3  FAS Immobilization on Mica 
Mica disks were glued to a glass sample stage and attached to the top of the z-
piezo on the scanner according to Research Institute of Biological Metrology (RIBM) 
protocols.131 Following centrifugation, thawed protein was diluted to 2-3 nM in storage 
buffer (20 mM HEPES pH 7.4, 250 mM NaCl, 5% glycerol, and 5 mM DTT) at room 
temperature (~20 °C). A 2 µL drop of protein solution was deposited onto freshly 
cleaved mica and incubated for 5-10 min in a humidified chamber. Excess molecules 
were removed by gentle rinsing with 50 mM potassium phosphate at pH 7.0 
(observation buffer). 
 99 
3.5.4  FAS Tethering to Mica-Supported Lipid Bilayers 
For HS-AFM imaging of affinity-tag tethered FAS, mica-supported planar lipid 
bilayers (SLB) were formed by deposition of large unilamellar vesicles (LUV) on a 
freshly cleaved mica surface, as described elsewhere.135,136 Briefly, liposomes were 
prepared by mixing 1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC) and 1,2-
dioleoyl-sn-glycero-3-[(N-(5-amino-1-carboxypentyl)iminodiacetic acid)succinyl] 
(nickel salt) (DGS-NTA(Ni)) lipids (Avanti Polar Lipids, USA) in a 4:1 ratio in 
chloroform, followed by solvent evaporation under nitrogen. Lipids were further dried 
under vacuum for at least 2 h before suspension in liposome buffer (10 mM HEPES 
pH 7.2, 150 mM NaCl, and 4 mM CaCl2) at a lipid concentration of 1 mM DMPC. The 
resuspension was subjected to four thaw and freeze cycles of heating to 42 °C 
followed by agitating, vortexing and plunging into liquid nitrogen. After a fifth heating 
step at 42 °C, LUVs were generated by 15-fold extrusion at room temperature through 
a Whatman polycarbonate membrane (Simga-Aldrich, USA) with a pore size of 100 
nm. LUVs were monodisperse and had a diameter of 116 ± 3 nm as determined from 
intensity-weighed size distributions by dynamic light scattering (DLS) (Zetasizer 
Nano ZS, Malvern, UK) at 25 °C. Mica-SLBs were formed by placing drops of 10-fold 
diluted LUV solution in liposome buffer onto freshly cleaved mica glued to a glass 
sample stage and incubation at room temperature overnight in a humidified chamber. 
Prior to imaging, the lipid bilayer was rinsed with observation buffer (50 mM 
potassium phosphate pH 7.0), followed by deposition of a 2 µL drop of 2-3 nM freshly 
diluted FAS in storage buffer and rinsed with observation buffer after incubation for 
10 min. 
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3.5.5  HS-AFM Imaging of FAS 
Imaging was performed with a commercial tapping-mode HS-AFM 1.0 apparatus 
(RIBM, Japan) equipped with a standard scanner with a maximum scan speed of 80 
ms/frame.137 BL-AC10DS-A2 cantilevers with a spring constant of 0.1 N/m, a 
resonance frequency of 300-700 kHz and a quality factor of ~2 in water (Olympus, 
Japan) were used. For all measurements, 434 ± 90 nm long amorphous carbon 
nanofiber tips with a tip apex radius of 5.5 ± 0.9 nm were grown onto the cantilever 
by electron beam deposition (EBD) (Chapter 3.9.7). The free oscillation amplitude 
was ~6 nm with a set point of 0.6-0.8, which corresponded to a maximum tapping 
force of ~190 or 250 pN, depending on FAS immobilization. The momentum 
transferred to the protein was minimized by short taps of 2.5 µs (Chapter 3.9.8). Both 
N-His10-FAS and FAS-His10-C were imaged in observation buffer at room temperature 
in over 150 FAS movies. Bilayer quality and particle dimensions were first verified in 
a 400 nm ´ 400 nm overview scan, followed by zooming in onto individual proteins in 
80 nm ´ 80 nm to 100 nm ´ 100 nm scans imaging with 100 ´ 100 pixels to 120 ´ 120 
pixels per image. Most videos were recorded at 2-0.5 fps. 
For imaging in the presence of substrate, FAS in observation buffer was 
supplemented with 4 µM acetyl-CoA and 15 µM NADPH. After 5 min incubation at 
room temperature, 4 µM malonyl-CoA was added to the mixture followed by 
subsequent filming. 
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3.5.6  Image Analysis 
Raw data was converted and z-aligned by custom-made Python-based software, 
which was described previously.88 Movie stacks were transformed to image 
sequences using ImageJ.138 Select z-aligned frames were corrected for xy-tilting 
using basic trigonometry followed by Gaussian filtering with MATLAB (R2016b, 
MathWorks, USA). Subsequently, the frames were aligned in x- and y-direction by 
normalized cross-correlation of pixel values higher than a predefined threshold using 
MATLAB (Chapter 3.9.3). In order to minimize bias from inaccurate alignment due to 
noise, each aligned movie was visually inspected, and where necessary, frames were 
discarded before further processing. Variance map calculations, principal 
component analysis and autocorrelation analysis of the first and second principal 
components of the particle were carried out in MATLAB (Chapters 3.9.4 and 3.9.5). 
HS-AFM simulations were performed with custom-made Python-based software 
using the atomic coordinates of the crystal structure of S. scrofa FAS (PDB: 2VZ9), in 
which the flexibly attached ACP and TE domains are not resolved (Chapter 3.9.9). 
Simulated AFM images were assigned to selected experimental images in a cross-
correlation approach based on sampling FAS in Euler angle space using custom-
made Python-based software and MATLAB (Chapter 3.9.10). 
Particle dimensions were measured in ImageJ by extracting 2D cross-sectional 
height profiles of individual frames of z-aligned and tilt-corrected movies and 
averaging the profiles for each corresponding movie. From these averages, the 
difference between the maximum and minimum z-value was determined and 
averaged, giving the measured height (N-His10-FAS: 38 frames, FAS-His10-C: 64 
frames, FAS on mica: 57 frames). For the dimensions of FAS on mica, the average 
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diameter at 4 nm height was calculated from 2D cross-sectional height profiles. These 
dimensions were compared to maximum main chain distances in the homologous 
porcine FAS structure (PDB: 2VZ9). 
For particle classification, z-aligned images were scaled to a 1:1 pixel to nm ratio 
in ImageJ. Artificial micrographs for particle picking were generated for each 
individual movie by assembling its associated tilt-corrected and filtered images into 
a chronologically tiled image using basic image processing software. Particles were 
semiautomatically selected and a box size of 65 nm was used in e2boxer from the 
EMAN2 electron microscopy data processing suite139 (version 2.07). To prevent 
misclassification, particles which were located at the edge of images or close to other 
scanning artifacts were discarded. Particle normalization by Xmipp3 was followed by 
reference-free 2D classification using CL2D from Xmipp3 in Scipion.133,140 Correntropy 
was chosen as the clustering algorithm.141 Particle classification was carried out for 
each movie category (mica, SLB-N-His10-FAS, SLB-FAS-His10-C; plus or minus 
substrate). The number of classes was optimized based on increasing class 
homogeneity while decreasing class redundancy.  
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3.9  Supporting Information 
3.9.1  Purification of D. melanogaster FAS and enzymatic activity  
 
Supplementary Figure 3.1 (A) SDS-PAGE analysis of FAS after size exclusion 
chromatography. (B) Mean FAS activity and standard deviation of four replicates plotted as 
reaction rate versus substrate concentration.  
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3.9.2  Overview of NADPH turnover rates calculated for the biosynthesis of 
palmitate in metazoan FAS  
source Mw 
(kDa) 
kcat (s-
1) 
kcat (s-1) 
in 
dimeric 
FAS† 
cycles (s-1) of 
complete 
palmitate 
formation* 
reference 
Gallus gallus 275 7.3 14.6 1 142 
Gallus gallus 275 6.8 13.7 1 143 
Homo sapiens 273 2.1 4.2 0.3 144 
Rattus 
norvegicus 273 11 22 1.6 
145 
Rattus 
norvegicus 273 10.3 20.5 1.5 
146 
Rattus 
norvegicus 273 10 20 1.4 
66 
Homo sapiens 273 2 4 0.3 147 
Drosophila 
melanogaster 266 4.2 8.3 0.6 this publication 
†FAS is only active in its dimeric form. Each dimer contains two sets of active sites. 
*In one complete cycle of palmitate formation 14 NADPH molecules are consumed. 
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3.9.3  Tilt correction in x- and y-direction, filtering and alignment with MATLAB 
For each image, the tilt angle was calculated trigonometrically and the image 
rotated accordingly. Noise was reduced by applying a 2D Gaussian filter with a 
standard deviation of 1 pixel. A reference frame was manually selected based on 
image quality and the normalized cross-correlation was calculated for each image 
above a pre-defined pixel value with respect to the reference frame. Based on the 
maximum of the cross-correlation function, a translation distance was calculated in x 
and y for frame alignment. 
 
3.9.4  Generation of variance maps with MATLAB 
Variance maps were calculated with the aim of visualizing height changes 
throughout movies through a reduced dimensionality approach with high information 
content. As the variance is calculated along the first dimension in an array in 
MATLAB, the tilt-corrected, filtered and aligned images were first concatenated, 
followed by permutation of the dimensions for calculation of the variance at each 
position Pi(xi,yi) along z. For graphic display of the variance maps, the concatenated 
movie frames were permutated back to their original dimensions and the results 
presented as an image with scaled color information representing the amount of 
changes in height. 
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3.9.5  Autocorrelation of the first and second principal component of HS-AFM 
images 
For each movie, shape features of FAS were calculated and autocorrelated using 
MATLAB. An abstracted description of observed FAS molecules was derived in two 
steps in the form of the first and second principal component of HS-AFM images: 
First, we applied a pre-defined threshold of 60% of the maximum pixel value to 
aligned, tilt-corrected and filtered HS-AFM images to select the particle region and 
set the background pixels to zero. Second, we performed a principal component 
analysis on the resulting background-corrected images by calculating the covariance 
matrix using the cov(x) function followed by calculating the principal components by 
the function pcacov(x) in MATLAB. The eigenvalues of the first and second principal 
component of successive images were subjected to autocorrelation analysis using 
autocorr(x) and the autocorrelation was plotted with a confidence interval of 95%.  
Autocorrelation is observed for 46% of all movies with more than 30 consecutive 
frames (112 movies analyzed). 54% of these movies have a frame duration of 500 
ms, autocorrelating with a median time of 1.825 s (Supplementary Figure 3.2). In all 
cases, the movies are sufficiently long with at least 80% of the data points following 
after the respective autocorrelation time. The median autocorrelation time was 
calculated for both selective tethering and non-selective immobilization combined. 
Analysis was not extended to comparing median autocorrelation times between the 
different immobilization methods due to an insignificant number of movies showing 
autocorrelation and complying with all criteria such as select frame rate and sufficient 
data length.  
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Supplementary Figure 3.2 Autocorrelation plots and box plot.  
(A) Autocorrelation plots of the first two principal components of FAS in two HS-AFM movies 
(FAS on mica, 500 ms/frame). Confidence intervals (95%) are marked red. (B) Box plot of the 
autocorrelation times in movies of selectively-tethered FAS and FAS on mica with a frame 
duration of 500 ms (28 movies); times outside percentiles 10 to 90 are shown as individual 
points. The median autocorrelation time is 1.825 s. 
 
3.9.6  Estimation of the minimum spatial resolution and comparison to 
simulated AFM images 
Estimations of the minimum spatial resolution are based on distance measurements 
in image cross-sections using ImageJ. For the minimum lateral resolution, the width 
at half maximum between two separated feature peaks was calculated. The height 
difference between separated feature peaks was used as an approximation of the 
minimum vertical resolution.  
Cross-sectional profiles of experimentally obtained HS-AFM frames were compared 
to those of simulated AFM images (Supplementary Figure 3.3). Simulated AFM 
images were generated using the atomic coordinates of the crystal structure of 
porcine FAS (PDB: 2VZ9), sphere radii of 2-9 nm and tilt angles between 0 and 180° 
in 10° increments.  
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Supplementary Figure 3.3 Comparison of cross-sectional profiles of examples of 
simulated and experimental HS-AFM images.  
Cross-sections are indicated by dashed, colored lines. (A) Cross-sections of simulated AFM 
images using a tip apex radius of 2 nm and 5 nm. (B) Baseline-corrected 3-pixel wide cross-
sections of z-aligned experimentally obtained HS-AFM frames from two different movies of 
FAS on mica. Orientation of particles in (A) and (B) is not matched. 
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3.9.7  Cantilever preparation with electron beam-deposited carbon tips 
 
Supplementary Figure 3.4 (A) Scanning electron microscopic image of a carbon nanofiber 
grown onto a cantilever tip. (B) Close-up of a microfabricated nanofiber tip. 
Commercial cantilever tips were supplemented with sharp amorphous carbon 
nanofibers, as described elsewhere.131 Briefly, electron beam deposition of 
evaporating phenol was used to grow a carbon stylus on top of the original cantilever 
tip (BL-AC10DS-A2, Olympus, Japan) at low pressure (10-6 mBar) in a scanning 
electron microscope (FEI XL30 FEG ESEM, Thermo Fisher Scientific, USA). By 
applying a small aperture of 30 µm and an acceleration voltage of 5 kV, carbon tips 
of 434 ± 90-nm length with a tip apex radius of 5.5 ± 0.9 nm were grown. To 
compensate for the tilted sample stage, tips were grown at an angle of 10°. 
Cantilevers were recycled by plasma etching and treatment with a focused ion beam 
(FEI Helios NanoLab 650, Thermo Fisher Scientific, USA). 
  
 113 
3.9.8  Force and impulse acting on FAS during HS-AFM imaging 
Force effects on the protein during tapping-mode HS-AFM imaging can be 
quantitatively depicted by the impulse. It describes the change of momentum over 
the short fraction of time during which the sample is tapped by the tip. The maximum 
force 𝐹"#$ exerted on a sample in AFM tapping mode can be described as:85 
𝐹"#$ = 𝑘'𝑄' 	×	 𝐴, 1 − 𝑟 + ℎ,𝑠𝑖𝑛	 𝜃2  
where 𝑘' is the spring constant of the cantilever, 𝑄' the cantilever quality factor in 
water, 𝐴, the free oscillation amplitude, 𝑟 the setpoint, ℎ, the sample height and 𝜃 the 
phase shift. With 𝑘' = 0.1 N·m-1, 𝑄' = 2, 𝑓' = 400 kHz (supplied by manufacturer), 𝐴, 
= 6 nm, 𝑟 = 0.6-0.8, and 𝜃 ~ 20°, for FAS on mica (ℎ, = 7.7 nm), the maximum tapping 
force is 190 pN and for FAS immobilized on SLB (ℎ, = 15 nm) it is estimated to be 
250 pN. With a force acting time of 2.5 µs in these experiments, the impulse is in the 
femto regime and thus no significant disturbance of the protein is expected.  
The energy dissipation of the oscillating cantilever in a tapping-mode HS-AFM is 
given by:85 
𝐸9:; = 	12 𝑘'	(𝐴,= − 𝐴>=)/𝑄' 
With the free oscillation amplitude 𝐴,= 6 nm and the amplitude set point 𝐴>= 3.6-4.8 
nm, the maximum energy dissipated at each tap is 140 kBT (T = 298.15 K). However, 
with the contact radius being only a few nm, most of the energy is delivered to the 
surrounding buffer. 
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3.9.9  Simulation of AFM images 
AFM images were simulated using in-house written Python software. The AFM 
topography is calculated based solely on the non-elastic contact between the tip and 
the protein surface. The tip is modelled using a sphere-cone-rod model described by 
three parameters: sphere radius, cone semi angle and rod radius. 
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3.9.10  Correlation between simulated and experimental data 
To obtain a direct interpretation of selected HS-AFM images, we applied a 
correlation-based comparison to simulated AFM images based on atomic 
coordinates. The available atomic model PDB 2VZ9 includes only the core 
multienzyme, while images were acquired for the biologically active enzyme (see also 
S1B), which additionally contains the mobile ACP and TE domains (see Figure 3.1 for 
details). The static crystallographic model only represents a single FAS conformation, 
and may not be suited for comparison to diverging dynamic conformations of FAS 
visually observed in HS-AFM movies, e.g. the rotation of large subsegments. 
Simulated AFM images of PDB files of FAS (original PDB: 2VZ9) rotated around its 
Euler angles (j, q, y) in 10° increments were cross-correlated with experimental raw 
images in MATLAB. In a first step, rotation of PDB file 2VZ9 around the q and y angle 
was performed utilizing in-house written Python software. Simulated AFM images of 
the PDB files were generated as described in chapter 3.9.9 with a sphere radius of 2 
nm, a cone semi-angle of 10° and a rod radius of 10 nm. Using MATLAB, the 
simulated AFM images were rotated in 10° increments, thereby performing rotation 
of FAS around the j angle, and subsequently subjected to calculation of the cross-
correlation. 
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Supplementary Figure 3.5 Correlation coefficients for all calculated FAS orientations 
and the respective raw image of each immobilization strategy.  
Images (top to bottom) correspond to those depicted in Figure 3.2B and Figure 3.3D, E. 
Simulated image orientations with the highest (◆) and lowest (▼) correlation coefficient are 
depicted.  
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4  Discussion and Outlook 
4.1  Structural conservation of the modifying region in divergent 
metazoan FAS  
The first crystal structure of an excised modifying region of FAS shows that even 
divergent classes of metazoan FAS adopt a conserved ground-state conformation. 
Domains are connected via interdomain contacts, with the KR acting as a connector 
between the lateral non-catalytic domains and the core DH and ER domains. An 
artificial sequence is incorporated into a b-sheet at the C-terminus of the KR, despite 
the presence of the natural polypeptide stretch. This structure of D. melanogaster 
FAS explains large sequential variations in the YME of insects compared to that of 
mammals, thereby invalidating the proposed role of YME in providing steric guidance 
to the ACP. 
Striking differences to iterative reducing PKS include a higher rigidity of the 
modifying region in metazoan FAS, which is maintained by conserved domain 
interfaces. In contrast, domains in the PKS modifying part are connected via linkers, 
facilitating conformational flexibility.63 Particularly the DH dimers show a distinct 
arrangement in metazoan FAS and PKS. While the PKS DH protomers form a linear 
dimer with a substantial dimer interface, FAS features a V-shaped DH dimer with a 
miniscule interface. 63,148 Surprisingly, even without a connection to the condensing 
region, the V-shaped dimer arrangement is intact in this crystal structure, strongly 
suggesting this dimerization to be an inherent structural feature of FAS. Both dimer 
forms provide unique advantages for each system. A linear DH arrangement likely 
provides less surface area for interactions with adjacent domains. In combination with 
its linker-based organization, the modifying domain in PKS allows for variable 
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conformational coupling, which is necessary for the formation of large modular 
assembly lines. Indeed, conformational dynamics were observed within the core of a 
PKS modifying domain.63 Contrarily, the V-shaped DH dimer in FAS directly interacts 
with the KR and ER domains, thereby restraining the mobility of the central ER/DH 
core, while still allowing for flexibility of the lateral domains. A more rigid core might 
enhance the turnover of the enzyme by providing higher local concentrations of the 
active sites.   
The structurally stable ground state structure of the modifying region represents 
metazoan FAS in a resting state. Open questions involve single-molecule 
observations of dynamics during turnover. Due to difficulties in labeling proteins in 
eukaryotic expression hosts, new methods are required.  
 
4.2  A new approach to study multienzyme conformational dynamics 
The results presented in chapter 3 describe the development of a new protocol to 
study multienzyme conformational dynamics by filming with HS-AFM. For the first 
time, conformational dynamics of single carrier-protein dependent multienzyme were 
visualized in solution. Since HS-AFM is a surface scanning technique, alternate views 
of the multienzyme require selective tethering. Combinations of different molecular 
tethering strategies that preserve the functional dynamics of the multienzyme were 
used to offer various viewing angles. The spatiotemporal resolution allows for 
identification of slower large-scale conformational dynamics in the range of 2-5 nm at 
10 fps. In FAS, we observed rotation of the two major segments relative to each other 
as well as an opening and closing of a cleft, separating these segments. Reference-
free 2D classification was shown to be a suitable tool for identification of 
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conformations from HS-AFM data, enabling analysis of their transitions in a temporal 
context (Figure 4.1). 
 
Figure 4.1 Identification of conformational variability by HS-AFM imaging. 
Schematic representation of experimental setup and data analysis. Individual states of the 
multienzyme can be identified and classified across movies by reference-free 2D class 
averaging. Figure adapted with permission from Benning, F. M. C.; Sakiyama, Y.; Mazur, A.; 
Bukhari, H. S. T.; Lim, R. Y. H.; Maier, T. High-Speed Atomic Force Microscopy Visualization 
of the Dynamics of the Multienzyme Fatty Acid Synthase. ACS Nano. 2017, 11, 10852-10859. 
Copyright 2017 American Chemical Society. 
 
HS-AFM, while previously only applied to membrane proteins, crystalline substrate 
arrays and macromolecules with a rigid overall structure, with this protocol renders 
to be a suitable technique for studying highly flexible, soluble proteins such as 
multienzymes.86,88,149,150 In the past, studies of multienzyme conformational dynamics 
were based on – often hybrid – approaches of electron microscopy, small angle X-
ray scattering and X-ray crystallography.12,64,67,68 All of these techniques are based on 
averaged information from many particles. While any of these methods provides 
either high resolution information outside a temporal context or dynamics data at low 
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resolution, HS-AFM fills the gap as a method with the capabilities to record the 
dynamics of single multienzymes at high spatial and temporal resolution. 
Brignole et al. visualized a wide variety of FAS conformations using negative stain 
electron microscopy.64 It was shown that the distribution of conformations was 
affected by catalytic mutants and substrate availability. While EM provides a large 
number of snapshots, it does not yield any temporal correlation, which allows 
following successive changes. Besides, EM requires averaging over thousands of 
molecules, which might obscure changes to some extent. The HS-AFM approach 
depicted here, allows recording of unrestrained dynamics in near-native aqueous 
solution through selective tethering of the multienzyme, thereby diminishing 
measurement artefacts. It further provides access to conformational dynamics which 
may be hidden in other techniques due to a limited number of viewing angles. While 
EM studies only give a distribution of conformational states, our protocol enables the 
additional identification of conformational transitions with the potential to reconstitute 
a complete temporal succession of conformations. With this method, it is now 
possible to monitor real-time changes in conformational dynamics upon addition of 
substrates or further effectors. 
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4.3  Hybrid approaches to study dynamics and structures of 
multienzymes 
Understanding the conformational variability in FAS and potentially linking specific 
conformations to functional states, requires comprehension of the underlying 
molecular interactions such as domain interplay and linker connections within the 
multienzyme. 
High-resolution structure determination of the modifying region of insect FAS gives 
an explanation of how interdomain contacts and linkers stabilize the present 
conformation. This structure of insect FAS expands the current knowledge of this 
highly dynamic region by revealing structural similarities and differences in related 
metazoan FAS and PKS. Conformational conservation of the complete modifying 
region in metazoan FAS suggests the existence of a conformational low-energy 
ground state. Large-scale conformational dynamics in carrier protein-dependent 
multienzymes are too large to be studied by NMR spectroscopy.151 Moreover, protein 
labeling in eukaryotic cells is expensive and difficult, with new methods just 
emerging.152 However, real-time filming of multienzymes is capable of sampling the 
conformational space of single FAS molecules in near-native conditions. It provides 
real-time temporal information such as the sequence of conformational states and 
their transitions. It can be used to analyze insights from crystal structures such as the 
suggested presence of a conformational resting state and the influence of substrate 
on the conformational pattern of FAS. The two projects in this thesis provide 
opportunities for linking high-resolution static information on FAS with medium-
resolution dynamic data with the objective of gaining a deeper understanding of 
conformational dynamics in multienzymes.  
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4.4  Conformational dynamics as a basis for understanding assembly 
lines 
The next step in understanding FAS dynamics lies in elucidating the underlying 
structural basis of its conformational dynamics at a resolution capable of separating 
individual domains. This includes deciphering the influence of structural properties 
such as linker lengths, as well as functional features, involving substrate availability 
and active site mutations on dynamics. 
An in-depth analysis of functional dynamics in FAS requires a large-scale data 
collection strategy to achieve complete mapping of all conformational states. This 
thesis provides a direct starting point for large-scale movie acquisition. With the 
objective of gaining a comprehensive overview of functional dynamics, FAS can now 
be imaged using varying substrate conditions, active site mutations and shortened 
or extended linker regions. Unambiguous differentiation of individual domains in FAS 
by HS-AFM requires a spatial resolution of below 2 nm. Improvement of the lateral 
spatial resolution to ~1-2 nm can be achieved by sharpening the carbon nanofiber 
stylus on the cantilever tip by plasma etching.86 However, high-throughput cantilever 
preparation and plasma etching are indispensable to counteract the low yields in tip 
sharpening.131,132 Timescales of FAS dynamics can be adjusted to the temporal 
resolution by decelerating enzymatic motion using higher viscosity media or 
measuring at temperatures lower than room temperature (Figure 4.2).  
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Figure 4.2 Functional dynamics of FAS. 
Schematic representation of a movie from HS-AFM imaging, showing potential 
conformational variability of FAS. Large-scale data acquisition is required for a complete 
mapping of all conformational states. HS-AFM filming enables the characterization of 
conformational changes as well as transition times upon substrate addition or inhibition. 
 
More comprehensive insights into functional dynamics are expected by 
complementing HS-AFM data with distance information obtained by single-molecule 
FRET. Site-specific fluorescent labels on lateral domains like the MAT in the 
condensing region and YME in the modifying region can provide temporal 
information on domain interactions which indicate opening and closing of the reaction 
cleft. Combinatorial multicolor FRET analysis of fluorescently labeled ACP can yield 
temporal insights into interaction with two FAS domains, with the ultimate goal of 
following ACP in the reaction cleft.76  
FAS serves as a blueprint for related carrier protein-dependent biosynthetic 
machines such as polyketide synthases (PKS) and nonribosomal peptide 
synthetases (NRPS).153 By forming large assembly lines, modular PKSs and NRPSs 
produce a tremendous variety of biologically and pharmacologically active natural 
products.91,154 Chemical diversity is achieved by the availability and activity of select 
catalytic domains in each module in combination with trans-acting enzymes in some 
systems.50 While static structural information is available for individual domains and 
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regions, little is known about inter- and intramodular dynamics.153 The HS-AFM 
approach developed in this thesis and insights from FAS dynamics may advance the 
understanding of assembly line dynamics, its formation and regulation. 
 
4.5  Applications of biomimetic nanomachines 
Multistep reactions require the selective transfer of reactants from one catalytic 
center to the next. In all kingdoms of life, natural selection has formed various 
strategies for efficient substrate transfer. These adaptations all share a combination 
of advantages such as protecting unsoluble intermediates from aggregation, 
shielding them from access by noncognate cellular enzymes and providing high local 
concentrations of substrates and catalysts. Tunnel formation was observed in some 
enzymes, providing substrate transfer between two to three distant active sites.9 A 
higher degree of versatility is achieved by carrier proteins, which can shuttle 
substrates between multiple catalytic sites. Carrier protein-dependent enzyme 
systems rely on specific protein contacts between catalytic domains and the carrier 
protein. In carrier protein-dependent multifunctional enzymes such as metazoan FAS, 
PKS and NRPS, all functional domains are integrated into the polypeptide chain. The 
carrier protein constitutes an integral part of the protein and is connected via a flexible 
tether to the enzyme. Functional contacts between enzymatic domains and the carrier 
protein are accompanied by large-scale conformational dynamics in most carrier-
protein dependent enzymes.11,12,67 This thesis presents a basis for advancing our 
understanding of the functional role of conformational dynamics in multienzymes.  
The next steps lie in understanding how multienzyme dynamics are influenced by 
the cellular environment. The HS-AFM approach depicted in this thesis may be 
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expanded by filming in cytoplasmic extract or by adding molecular interaction 
partners to the tethered multienzyme. Furthermore, the lipid bilayer in the 
experimental setup may be altered to give a more complex composition, including 
lipid rafts, for the implementation of signaling cascades. Identifying molecules, which 
block conformational flexibility of multienzymes, may provide a way to detect the 
relevance of multienzyme dynamics in a cellular environment.  
While HS-AFM studies may answer how FAS dynamics are affected by interaction 
partners, synthetic cells provide the means to understand the function of dynamics 
of individual FAS molecules within a cellular context. Typically lipid or polymer 
vesicles, synthetic cells are more realistic mimics of simple cells than a 2D surface.155 
As a surface scanning technique, HS-AFM is not capable of filming dynamics within 
cells. However, super-resolution microscopy (SRM) in single synthetic cells provides 
a way to discern individual active FAS enzymes from inactive ones, to potentially 
uncover the influence of specific cellular situations on the dynamics of single FAS. 
Interaction partners can be localized and structurally characterized at high resolution 
in a structural snapshot of the cellular landscape by combining SRM with cryo-
electron tomography.81  
Multistep reactions are widely distributed among industrial applications. Spatial or 
temporal segregation of individual reactions steps, is key for economic and 
sustainable production (Figure 4.3). One such approach is the exploitation of 
engineered PKS and NRPS assembly lines for tailored drug production (Figure 4.3A). 
Providing a toolbox for performing highly complex organic chemistry, these 
multienzymes harbor significant biotechnological potential for the rational production 
of novel compounds including therapeutics and biofuels.156 The majority of bioactive 
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natural products feature a high intrinsic potency. This is however often associated 
with low bioavailability or side effects. While the structural complexity of natural 
products renders them extremely difficult targets for chemical approaches, re-
engineering PKS and NRPS systems are utilized to generate natural product analogs 
with improved pharmacokinetics.157 Biosynthetic engineering efforts include the 
manipulation of catalytic functions within modules, altering module arrangement, as 
well as manipulating the number of modules in the assembly line. Efficient operation 
of tailored assembly lines requires not only static information of correct inter- and 
intramodular interactions but equally important, the preservation of conformational 
dynamics between cis- and trans-acting enzymes. Insights from studies on FAS 
conformational dynamics, as well as HS-AFM filming of assembly lines, provide a 
basis for the comprehensive analysis of assembly line dynamics with the ultimate 
goal of engineering new biosynthetic factories.  
 
Figure 4.3 Applications of multistep reactions.  
(A) Rationally designed natural products may be generated from engineered assembly lines. 
Schematic representation of three modules containing two sets of functional domains each. 
Tailored production of compounds is achieved by selectively inactivating catalytic domains 
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(red bar), incorporating additional functional domains (halogenase, brown; 
methyltransferase, violet; thioesterase, blue) and altering the order of modules. (B) 
Schematic representation of a compartmentalized vesicle. Each individual reaction step is 
confined to a compartment. The product shuttles through a nanopore (black rectangles) to 
the next compartment, serving as a reactant for the following reaction. Reactions may be 
triggered by photoactivaton (green flash). 
 
Besides carrier protein systems, an alternative strategy for the spatial and temporal 
segregation of individual reactions from multistep processes, is the use of 
compartmentalized synthetic cells for in situ chemical synthesis (Figure 4.3B).155,158 
Individual enzymatic steps are either segregated by lipid or polymer membranes, 
allowing substrate transfer via nanopores, or by controlled enzyme activation.159 
Regulation of enzyme activity may be achieved by signaling proteins in the vesicle 
membrane, which are activated by external stimuli, or by the photoactivation of 
enzymes.157,159  
Evolution has formed biological systems such as cells, certain cellular 
compartments and carrier protein-dependent multienzymes into highly regulated 
factories. Bio-inspired nanomachines enable efficient turnover of multistep reactions 
by mimicking biological strategies such as compartmentalization or the exploitation 
of carrier protein systems. Thus, deciphering the mode of action of these molecular 
machines will boost the biomimetic production of complex chemicals.   
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